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Abstract  
 

Cancer research has been globally focused on the intrinsic changes of cells that initiate tumorigenesis 

and sustain tumor progression. Contrariwise, how cancer reprograms systemic metabolism, and how 

alterations occurring in the host abet tumor growth have been poorly understood. Importantly, a 

systemic wasting syndrome also known as cachexia is highly prevalent in cancer patients and accounts 

for at least 20% of deaths. Noteworthy, cancer cells typically require higher amount of iron to support 

proliferation, but iron deficiency is also a common comorbidity in cancer patients. Whether and how 

cancer induces changes in iron metabolism in the skeletal muscle is unknown despite its significant 

pool of iron that could be mobilized. Herein, we found that iron homeostasis is strongly perturbed in 

the skeletal muscle of several models of tumor-bearing mice as well as in pancreatic and colorectal 

cancer patients, which are characterized by a strongly downregulated transferrin receptor 1 (TFR1) and 

ferritin upregulation. Reduction of iron either by genetic means (e.g. silencing of TFR1) or by selective 

chelation in vitro consistently induced myotube atrophy. Coherently, fiber-specific TFR1 silencing led 

to fiber atrophy, whereas its overexpression led to hypertrophy in healthy mice, indicating that iron 

availability controls directly muscle mass. Specifically, mitochondrial iron deficiency impairs 

mitochondrial metabolism and ATP generation that ultimately lead to AMPK activation and muscle 

atrophy in C26 tumor-bearing mice. Promisingly, iron supplementation prevented atrophy both in vitro 

and in tumor-bearing mice (despite no difference in tumor growth), and even prolonged survival. 

Furthermore, iron supplementation significantly increased strength in a cohort of colorectal and 

pancreatic cancer patients. Since tumor-bearing mice present significantly reduced heme levels in the 

skeletal muscle, we further investigated whether and how muscular heme metabolism can contribute to 

cancer progression using transgenic mice. Complementary to the previous findings, selective knockout 

of the heme exporter FLVCR1a in the skeletal muscle impacted tumor metastasis in LLC tumor 

bearing mice, without affecting tumor growth. Strikingly, muscle-specific FLVCR1a silencing 

significantly reduced neutrophil count of the primary tumor, suggesting a modulation of the immune 

landscape by the skeletal muscle during cancer progression. Altogether,  cancer induces alterations in 

skeletal muscle iron metabolism, which can in turn favor cancer progression, and targeting iron 

trafficking or normalizing iron levels are potential therapeutic strategies for cancer-induced cachexia. 
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General introduction 

Cancer is a leading cause of mortality and morbidity worldwide. Although research in oncology has 

made significant advances in understanding tumor metabolism, cancer remains a global growing 

burden, notably in developing countries (WHO report 2020).  Cancer includes all diseases that are 

characterized by the growth of potentially invasive cells that jeopardize normal physiology of the organ 

or host where they reside. Common abnormalities underlying malignant transformation and tumor 

progression have been increasingly clear. Notably, cancer cells undergo considerable metabolic 

changes to foster unbridled proliferation in a hostile environment characterized by nutrient deprivation, 

inefficient perfusion, and competitive immune infiltrates (1). While metabolic reprogramming has been 

recognized as a hallmark of cancer, the role of micronutrients in shaping such adaptations remains 

scarcely investigated. In particular, the broad electron-transferring abilities of iron makes it a versatile 

cofactor that participate in a myriad of biochemical reactions vital to cellular homeostasis, including 

cell respiration and DNA replication. Although iron itself can readily participate in redox reactions 

enabling these processes, its reactivity also contributes the formation of reactive oxygen species (ROS). 

Approximately one third of cancer related deaths is caused by a multi-organ wasting condition termed 

cachexia. However, this metabolic syndrome is often considered as a mere epiphenomenon of the 

primary pathology hence overlooked upon medical diagnosis. Similarly, research in oncology mainly 

focuses on the tumor, while how systemic changes occurring in the host influence tumor onset and 

growth remain largely unexplored. Skeletal muscle atrophy is the main feature of cachexia that 

debilitates cancer patients and strongly reduces their quality of life. Altered iron metabolism is one of 

the most common systemic changes in cancer patients. Noteworthy, iron deficiency is highly prevalent 

in patients afflicted with pancreatic or gastro-intestinal cancers, which are also the most susceptible to 

cachexia.  

Albeit lacking functional properties, tumors are structurally similar to organs as they are complex unit 

of abnormal epithelial or glandular cells, stromal cells (including mesenchymal cells, vascular cells), 

and immune cells (in particular neutrophils, T and B lymphocytes, macrophages) joint by an 

extracellular matrix (Fig. 1) (2). Consequently, the process of tumor development is highly dependent 

on the surrounding environment, which can directly contribute to the growth and invasion of cancer 

cells in the same way as during organogenesis. Both intrinsic factors such as (epi)genetic changes and 

extrinsic factors including nutrient availability, extracellular matrix (ECM) stiffness, oxygen and pH 
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gradient strongly influence cancer cell gene expression and metabolism, resulting in highly 

heterogeneous cell populations with variable metabolic features within the same tumor (3).  

 

Figure 1. Tumors are composed of different cell populations giving rise to metabolic 

heterogeneity (3)  

Tumor growth is supported by cancer-associated fibroblasts (CAF), adipocytes, blood vessels, and 

nerves within the extracellular matrix (ECM). Infiltration of immune cells such as T and B cells, 

neutrophils, and tumor associated macrophages (TAM) further reshape the tumor microenvironment. 

Consequently, gradients of metabolites, oxygen tension and pH define the metabolic features of tumors.  

 

Cancer cells reside in an overall hostile environment characterized by physical pressure, oxidative 

stress, nutrient shortage, immune invasion, hypoxia, and acidosis (3). However, they can also 

communicate and hijack the surrounding non-cancer cells to adopt a pro-tumoral phenotype. For 

instance, squamous cell carcinoma cells secrete glutamate to fuel the production of aspartate by 

surrounding fibroblasts, which feed aspartate back to cancer cells for nucleotide synthesis (4). Ovarian 

cancer cells release N-acetylaspartate which stimulates glutamine synthetase expression in 

macrophages, causing their polarization to M2, pro-tumoral phenotype (5). Moreover, the tumor 

microenvironment also influences the efficacy of anticancer therapies. Notably, the abnormal 

organization of the tumor characterized by increased distance between cancer cells and capillaries leads 
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to poor drug distribution. The overall acidic extracellular space due to hypoxia also decreases the 

efficacy of several chemotherapeutic drugs and radiotherapy while upregulating survival signals in 

cancer cells (e.g. Bcl-xL and heat shock proteins through HIF1-α) (6). Finally, stromal cells (such as 

vasculature cells or cancer-associated fibroblasts) can also secrete signals that sustain cancer cell 

stemness by activating Notch signaling (7, 8), indirectly contributing to tumor relapse.  

Beyond the tumor microenvironment, further crosstalk between cancer cells and distant organs have 

been less studied and evidenced only recently. In a mouse model, advanced glycation end products 

(glycated proteins or lipids) derived from lung adenocarcinoma cells were shown to instruct bone 

osteoblasts to supply specific pro-tumoral neutrophils (9). Similarly, such “trialogue” was described 

with cancer-associated fibroblasts through C-X-C Motif Chemokine Ligand 12 (CXCL12) secretion, 

triggering the release of hematopoietic progenitors from the bone marrow, which in turn support 

metastatic growth (10). Intriguingly, in prostate tumor-bearing mice, brain-derived neural progenitors 

were found to reach through circulation the primary tumor and metastases, where they finally 

differentiate into adrenergic neurons that are known to support tumorigenesis (11). These studies 

underscore that long range interactions between malignant cells and other organs are pivotal to tumor 

progression, and novel anticancer strategies should aim at breaking the network. In addition, 

understanding how tumor progression drives alterations in the host can provide potential therapeutic 

options to alleviate the disease.  
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Cancer-induced systemic changes  

Cancer is a systemic disease, not only because cancer cells can enter blood and lymphatic circulation 

before reaching distant organs where they form metastases, but they also alter the metabolism and 

immunity of the organ and even the whole organism. Noteworthy, immunodeficiency, stroke due to 

thromboembolism, and organ failures are amidst the direct cause of deaths in cancer patients, rather 

than the tumor itself (12). Factors secreted by tumors can exert far-reaching effects that impact not only 

the microenvironment but also systemically. These include notably growth factors and cytokines: 

Vascular endothelial growth factor (VEGF), platelet-derived growth factor (PDGF), angiopoietins, 

angiogenin, hepatocyte growth factor, fibroblast growth factor, transforming growth factor-beta (TGF-

β), growth-related oncogene-alpha (CXCL1), as well as other hormones such as leptin (13). Most of 

these factors are amplified during cancer progression and cachexia, which will be discussed in detail 

hereafter.  

1. Chronic inflammation 

Cancer causes chronic and systemic inflammation, which is known to abet cancer initiation and 

progression, creating a vicious cycle. Roughly 20% of human cancers are related to sustained 

inflammation resulting from microbial infections (e.g. Epstein-Barr lymphomas, human papilloma 

virus in cervix cancer, helicobacter pylori in gastric cancer), chronic exposure to irritants (e.g. asbestos 

for mesothelioma, smoke for lung cancer, dietary heme or acrylamide for colorectal cancer), or 

autoimmune diseases (14). In cancer patients, inflammation is markedly present both within the tumor 

stroma and systemically, with increased circulating cytokines including IL-1, IL-6, and IL-18, that 

correlate with poor prognosis (15, 16).    

Oncogenic transcription factors such as nuclear factor kappa-B (NF-κB), signal transducer and 

activator of transcription 3 (STAT3) or hypoxia-inducible factor 1 alpha (HIF1-α) also mediate the 

expression of cytokines and chemokines in the tumor. Some cytokines favor tumor progression (TGF-β, 

interleukins 6, 17, 23, FAS ligand, tumor necrosis factor-alpha (TNF-α)), while others have anti-tumor 

properties (IL-12, IFN-γ) (14). Noteworthy, immune cells and fibroblasts are able to produce cytokines, 

growth factors and chemokines at much higher levels than tumor cells (17-19). Therefore, systemic 

inflammation is mainly driven by the host’s response to the tumor, rather than by the malignancy itself. 
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Indeed, several tissues contribute to the excessive inflammation. The liver plays a key role in mediating 

systemic inflammation by secreting acute-phase proteins, including C-reactive protein (CRP), amyloid 

A, alpha 1 antitrypsin, and alpha 1 acid glycoprotein (20). Notably, cytokines secreted by Kupffer cells 

strongly induce systemic inflammation, and the absence of hepatic and splenic macrophages is 

sufficient to prevent death in mice challenged with zymosan, a potent inducer of sterile inflammation 

(21).  

Interestingly, the gut microbiota also controls inflammation both within the tumor microenvironment 

and systemically. Antibiotic-treated or germ-free tumor bearing mice have impaired innate immune 

response to immunotherapy and oxaliplatin, characterized by lower cytokine production and tumor 

necrosis (22). Another study showed that cyclophosphamide, a chemotherapeutic drug, alters the 

composition of microbiota in the small intestine and stimulates the generation of a subset of T helper 

cells that promote adaptive immune response (23).  

The degree of inflammation generally correlates with tumor aggressiveness and poor 

prognosis.Specifically, in lung and gastrointestinal cancer patients, chronic systemic inflammation 

(denoted by increased serum levels of acute phase proteins such as C reactive protein) along with 

elevated circulating gamma-glutamyl transferase and alkaline phosphatase activity correlated with 

advanced stage (24). Inhibitors of inflammatory cytokines (TNF-a, IL-6, IL8) have shown however 

only limited outcome in clinical trials on cancer patients (25), suggesting a complex irreversible 

phenomenon.    

2. Immuno-deficiency 

Cancer severely suppresses immunity, thereby increasing dramatically patient mortality. Although the 

impact on immunity is not always obvious in early-stage cancer patients, immunodeficiency develops 

with tumor progression and chemotherapies. Circulating myeloid-derived suppressor cells can increase 

up to 10-fold in cancer patients (26). Cancer-induced immunosuppression is mainly characterized by 

functional impairment of T-cell, accumulation of T-reg and decreased antibody production, disabling 

the rejection of allogenic tumors in mice (27).  

Indeed, both pro-tumoral and anti-tumoral inflammation shape the evolution of tumors, and cancer 

immunotherapy is a highly active area of research. Several mechanisms of immune evasion and 

inhibition have been characterized. For instance, metastatic cells can upregulate the secretion of 
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programmed death-ligand 1 (PD-L1) to suppress CD8 T-cell function (28). Pancreatic cancer cells also 

release miR-203 through exosomes that downregulates toll-like receptor 4 (TLR4) and downstream 

inflammatory cytokines expression by dendritic cells (29). Intriguingly, immune cells including 

macrophages, T-reg cells, neutrophils and natural killer cells may have both antitumoral and pro-

tumoral properties. The correlation between their number and patient prognosis can be therefore highly 

variable from one context to another (30).   

3. Neuro-endocrine changes  

During cancer progression, inflammatory cytokines such as IL-1β, IL-6, and TNF-α are amplified 

within the hypothalamus, causing central nervous system inflammation and consequently alterations of 

activity or weight-modulating pathways (31, 32). In addition, cancer has been generally associated 

chronic stress, which is characterized by upregulated release and signaling of catecholamines by the 

sympathetic nervous system (adrenal-medullary axis) that normally mediates the fight-or-flight reflex 

in normal conditions. Clinical studies have also found elevated circulating levels of cortisol in cancer 

patients (including colorectal, prostate, and breast cancers) (33-35), which is known to mediate 

immunosuppression, depression, or even muscle atrophy (discussed hereafter) (36). In most cases, the 

increase correlated with IL-6 levels, indicating that inflammation is the key trigger for excessive 

hypothalamic-pituitary-adrenal (HPA) activity.  

Primary and secondary lymphoid organs are innervated by sympathetic nerves, while lymphocytes and 

monocytes also express receptors for the stress hormones (including adrenocorticotropic hormone 

ACTH and cortisol, secreted by the HPA axis) (37). Therefore, cancer can also alter the immune 

system through the activation of nervous stress response which indirectly promotes tumor progression. 

In melanoma and colon cancer mouse models, an enriched housing environment significantly reduced 

leptin secretion by adipose tissue, leading to decreased tumor growth and increased remission (38). In 

line with this finding, epidemiological studies have shown that prostate adenocarcinoma patients on 

androgen deprivation therapy treated with non-selective beta-blockers have lower cancer-caused 

mortality (39). Likewise, in female patients with melanoma or breast cancer, beta-blockers 

administration significantly increased survival (40, 41). From the mechanistic standpoint, 

norepinephrine upregulates the production of MMP2, MMP9, and VEGF in human nasopharyngeal 

carcinoma (42), while β-Adrenergic receptor inhibition on human melanoma cell lines 

suppressed VEGF, IL-8, and IL-6 expression (43).  
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In contrast to the sympathetic nervous system, the role of parasympathetic nervous system in cancer 

has been less documented. However, both muscarinic and nicotinic receptors that bind acetylcholine 

and the downstream signaling seem to initiate cytokine synthesis by immune cells (44). In gastric and 

prostate tumor-bearing mice, parasympathetic denervation, genetic knockout, or pharmacological 

inhibition of muscarinic receptors inhibited tumor growth and metastasis, respectively (45, 46). 

However, cholinergic inhibition can indirectly stimulate adrenergic pathway as both axes influence 

each other. Nevertheless, since many cancers show nerve outgrowth, targeting neurotropic growth 

factors secreted by cancer cells would be a promising alternative approach (47). 

4. Hemodynamic abnormalities  

Roughly half of cancer patients (especially those with metastases) present high risk of 

thromboembolism. This susceptibility mainly results from an imbalance between coagulative and 

fibrinolytic factors within the tumor where cancer cells, endothelial cells, immune cells, and platelets 

interact and contribute to thrombosis (48). Both cancer cells and the surrounding stromal cells 

(especially macrophages and endothelial cells) can express or release pro-coagulant factors that initiate 

hemostasis by binding factors of the coagulation cascade (48). Angiogenesis is also linked to increased 

coagulation as VEGF signaling stimulates tissue factor secretion by endothelial cells (49). Moreover, 

the pro-thrombotic state is amplified by systemic inflammation as inflammatory cytokines stimulates 

the secretion of tissue factor by immune cells (notably eosinophils and monocytes) (50, 51).  
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Multi-organ wasting or cancer-induced cachexia 

The etymology of cachexia stems from the Greek words “kakos” and “hexis”, which literally mean bad 

condition (52). Cachexia is defined as a systemic, multifactorial syndrome characterized by a loss of 

skeletal muscle mass, with or without loss of fat mass, that cannot be fully reversed by conventional 

nutritional support and leads to progressive functional impairment. In consequence, patients present 

intolerance to chemotherapy, complications from surgery and overall decreased prognosis. Clinical 

diagnosis is made when the patient (with a normal body mass index) has lost at least 5% of their total 

body weight in the previous six months without fasting, diet, or lifestyle change (53).  

Cachexia affects approximately 9 million patients afflicted with advanced chronic diseases worldwide; 

including heart failure, kidney failure, chronic obstructive pulmonary disease, acquired 

immunodeficiency syndrome (AIDS), and notably cancer. There is a clear association of cachexia with 

most life-threatening chronic diseases and its prevalence is uniformly high at the end of life (up to 

80%). Current therapeutic approaches can only slow the rate of weight loss (which occurs regardless of 

energy intake) and physical decline. When cachexia becomes refractory, interventions are often futile 

and increasingly invasive, patients are emaciated and typically die within a few months (53, 54).  

Roughly half of the global cancer deaths are attributed to cancer types that are associated with high 

prevalence of cachexia (Fig. 2), including pancreatic, esophageal, gastric, colorectal, pulmonary, and 

hepatic cancers (0.33, 0.4, 0.72, 0.69, 1.59, and 0.75 million deaths, respectively) (WHO 2020). This 

association likely results from the diagnosis at late-stage, the physical impact of tumor on digestion and 

absorption, as well as specific cancer-induced hormonal and metabolic alterations. Besides these cancer 

types, additional factors can increase the susceptibility to developing cachexia, including sex (male 

patients being more susceptible), age, genetic factors, other comorbidities and/or treatments that have 

catabolic side effects. For instance, cardiac failure increases the risk of cachexia in cancer patients (55), 

while sorafenib (a tyrosine kinase inhibitor) and glucocorticoids (treatment of chronic inflammatory 

diseases or palliative care of cancer patients) promote catabolism in the skeletal muscle (56). 

Importantly, patients that are underweight prior to cancer diagnosis present higher risk of weight loss, 

morbidity, and mortality (57), but higher BMI does not confer absolute protection as massive weight 

loss can still occur in obese patients (58). In fact, muscle mass and strength were shown to accurately 

predict the prognosis in cancer-associated cachexia, regardless of total body weight (58). Indeed, 

patients with early-stage cancer can also present cachexia, that is reversible upon successful cure of the 
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underlying cancer (59). Contrariwise, some patients maintain or even gain weight (including muscle 

and fat) during cancer progression (60), cachexia is therefore not an inevitable outcome of cancer. 

Noteworthy, in a mouse model of colon cancer, the reversal of cachexia significantly prolonged 

survival despite consistent tumor growth, indicating that cachexia should be considered as a separate, 

distinct pathology rather than a complication of cancer (61).    

 

Figure 2. Prevalence of cachexia and the average loss of weight in patients according to the 

cancer type (62)  

The prevalence of cachexia can reach up to 70% in patients afflicted with pancreatic, head and neck, 

gastro-intestinal, or lung cancers (left). Noteworthy, the degree of weight loss also correlates with the 

prevalence of cachexia (right). 

Pathophysiology of cancer-induced cachexia 

The syndrome of cachexia is mainly driven by a combination of reduced food intake (anorexia), 

aberrant systemic metabolism characterized by elevated energy expenditure, and chronic inflammation. 

Cachexia can be potentially mediated by factors deriving directly from cancer cells, cells of the tumor 

microenvironment, or far-reaching host tissues (63). These factors include inflammatory cytokines 

TNF-α, IL-1β, IL-6, IFN-γ, members of the transforming growth factor TGF-β superfamily (e.g. 

activins, myostatin), eicosanoids (prostaglandins and thromboxane) (64), and heat-shock proteins 

(HSP70, HSP90) (65) that are commonly elevated in the serum of cachectic patients. They can directly 

activate catabolism in target organs or induce metabolic shifts and signaling pathways in others to 
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increase overall energy expenditure (63, 66). Consequently, the intricate combination of humoral, 

neural, and behavioral effectors induces catabolism, primarily in skeletal muscle, adipose tissue, and 

cardiac muscle along with multi-organ dysfunction (Fig. 3) (63, 66, 67). 

 

Figure 3. Overview of systemic alterations occurring during cancer-induced cachexia (68)  

Cancer cachexia represents a whole-body wasting syndrome resulting from both tumor-host and inter-

organ interactions. Most organs including the brain, gastro-intestinal tract, pancreas, liver, bone, 

adipose tissue, and especially skeletal muscle show strongly altered metabolism.  

1. Role of central nervous system, feeding behavior,  and HPA axis in cachexia 

Cancer-induced inflammation alters CNS homeostasis, enhancing sympathetic nervous system and 

adrenal corticosteroids secretion to amplify the catabolism of carbohydrates, proteins, and lipids in 

peripheral tissues as well as anorexia (69).  
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Intracerebral administration of IL-1β is sufficient to trigger rapid atrophy in the skeletal muscle though 

glucocorticoid signaling (31). Importantly, the hypothalamus regulates appetite, which is abnormally 

decreased in cancer patients and exacerbates cachexia. Appetite-suppressing (anorexigenic) function is 

mediated by the ventromedial hypothalamus, whereas appetite-enhancing (orexigenic) function is 

regulated by the lateral hypothalamus. Their outputs are primarily driven by anorexigenic 

proopiomelanocortin (POMC) neurons and orexigenic neuropeptide Y (NPY)/agouti-related peptide 

(AgRP) neurons (70). Peripheral tissues also interact with these neurons to modulate feeding behavior. 

For example, the adipose tissue-derived hormone leptin exerts anorexigenic effects by activating 

POMC neurons and inhibiting the NPY/AgRP neurons (70). The opposite mechanisms mediate the 

orexigenic activity of the gut hormone ghrelin, which is paradoxically increased in cancer patients 

(71). Besides its orexigenic effect on the CNS, it also regulates blood glucose homeostasis, adiposity 

(72), reduces energy expenditure (73), and impedes muscle atrophy (74). However, cancer-associated 

cachexia is associated with resistance to ghrelin, and its increase has been considered as a 

compensatory mechanism of the body aiming at mitigating tissue wasting (71). Anamorelin, an oral 

ghrelin mimetic, improved both appetite and muscle mass in cancer patients (75, 76).  

Another important neurotransmitter regulating feeding behavior is serotonin. Tumor bearing mice 

showed lower brain serotonin that inversely correlated with food intake (77). In vitro, serotonin 

repressed neuronal hypothalamic NPY secretion (78). In tumor-bearing rats, pharmacological 

activation of AMP-activated protein kinase (AMPK) in the hypothalamus reversed anorexia by 

mitigating inflammation and POMC signaling (79).  

As discussed above, the hypothalamus-pituitary-adrenal (HPA) axis is also altered in cancer patients. 

Pro-inflammatory cytokines including TNF-α, IL-1β, and IL-6 stimulate the secretion of CRH (by the 

hypothalamus), ACTH (by the pituitary), and cortisol release from the adrenal glands (80-82). 

Glucocorticoids (e.g. cortisol) are hormones affecting multiple organs besides their anti-inflammatory 

effects (83).  Importantly, glucocorticoids promote insulin resistance, gluconeogenesis, and lipogenesis, 

thereby increasing whole body energy expenditure (84, 85). Increased circulating glucocorticoids or 

HPA activity has been reported in several in vivo cachexia models (35, 86-88). Interestingly, in situ 

central nervous system inflammation activated HPA axis and elicited rapid muscle atrophy that can be 

otherwise spared with adrenalectomy in mice (31). Mechanistically, glucocorticoids drive muscle 

atrophy through the suppression of IGF-1 signaling while inducing myostatin production, resulting 

overall in reduced mTOR activation and increased FoxO signaling (89-91).  
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2. Adipose tissue wasting and browning 

Adipose tissue can be composed of white, beige, or brown adipocytes that differ by their location and 

functions. The shade of the tissue is determined by the levels of uncoupling protein 1 (UCP-1), located 

in the inner mitochondrial membrane and responsible for the uncoupling of respiratory chain from ATP 

synthesis, generating heat. The primary role of WAT is to store energy in the form of triglycerides, and 

brown adipose tissue (BAT) mostly expends energy (92). Beige adipocytes function as brown 

adipocytes but are formed by the browning of WAT as a response to stress stimuli such as prolonged 

cold exposure and β adrenergic activation (93). This phenotypic switch is associated with increased 

energy expenditure and improved insulin sensitivity leading to body weight loss, hence represents a 

promising strategy to treat obesity (94). Nonetheless, WAT browning is rather detrimental in other 

pathological conditions such as cancer, kidney failure, or post-burn injury (95, 96). In tumor-bearing 

mice, enhanced lipolysis, elevated total energy expenditure, and BAT thermogenesis occur during early 

stage cachexia (97). One important cause of browning is inflammation, and neutralization of IL-6 

reduced the severity of cachexia by decreasing UCP1 levels in several murine models (98). In a Lewis 

lung carcinoma model of cancer cachexia, tumor-derived parathyroid-hormone-related protein (PTHrP) 

was shown to drive the expression of genes involved in thermogenesis in adipocytes, and PTHrP 

inhibition prevented fat browning as well as muscle atrophy (99). Similarly, the silencing of adipose 

triglyceride lipase (ATGL), the enzyme that catalyzes the first step of triacylglycerol hydrolysis, 

protected mice from both WAT and muscle wasting (100). These studies also indicate that WAT 

wasting typically precedes the one of skeletal muscle in cancer-induced cachexia, and intriguingly, 

altered metabolism in adipose tissue can cause muscle proteolysis.  

Of note, carboxyl-metabolites such as lactate or β-hydroxybutyrate can also induce fat browning during 

redox changes (101). Therefore, skeletal muscle (e.g. after intensive exercise) or highly glycolytic 

tumors could promote thermogenesis through lactate release. Indeed, skeletal muscle metabolism 

affects WAT homeostasis as well. Peroxisome Proliferator-Activated Receptor-Gamma Coactivator 1-

Alpha (PGC1-α) overexpression in the muscle led to increased UCP1 expression in WAT through a 

myokine known as irisin (FNDC5) (102). In addition, cell death–inducing DNA fragmentation factor 

alpha subunit-like effector A (CIDEA) is significantly increased in the adipose tissue of cancer patients 

(103). It was later shown that this protein induces lipolysis through AMPK dissociation independently 

of UCP1 levels, and constitutive active AMPK expression reduces lipid wasting in mouse models of 

cachexia (104).  
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3. Pancreatic dysfunction 

Significant metabolic changes along with pancreatic dysfunction are implicated in the pathogenesis of 

cachexia. The pancreas plays fundamental roles in the control of digestion and glycemia through the 

secretion of digestive enzymes (exocrine function), insulin and glucagon (endocrine function) (105). 

Therefore, pancreatic failure and pancreatic tumors are typically associated with digestive disorders 

and weight loss.  However, controversial data exist regarding the impact of altered exocrine pancreas 

function on patient survival. Although decreased exocrine pancreatic function promotes wasting of 

peripheral tissues in early stage of pancreatic cancer, correction by supplementing pancreatic enzymes 

only reduced WAT wasting without beneficial effects on muscle atrophy or survival (106).  

In response to a rise of glycemia, pancreatic beta cells secrete insulin which activates the transport of 

glucose into cells and inhibits proteolysis (107). Cancer patients and animal models of cachexia 

commonly show a decrease in both insulin secretion and sensitivity in the skeletal muscle (107). 

Notably, in a murine model of cancer cachexia, insulin resistance preceded overt weight loss, which 

could be partially reversed by an insulin-sensitizing agent, rosiglitazone (108, 109). Another similar 

study in tumor-bearing rats showed that metformin mitigated protein wasting in the skeletal muscle 

(110).  

4. Aberrant hepatic metabolism  

The liver is a major metabolic hub that senses nutrient levels and adapt to supply the metabolic 

demands of peripheral tissues. It contributes tremendously to the pathogenesis of cancer-associated 

cachexia through several ways. First, the liver increases energy expenditure by the synthesis of acute-

phase proteins at the expense of structural proteins (111). Second, it undergoes futile cycles and 

consumes energy to create glucose or amino acids, exacerbating energy wasting. It takes up circulating 

lactate produced by the tumor or peripheral organs (notably the skeletal muscle) to fuel 

gluconeogenesis, releasing glucose back to the circulation – a process known as Cori cycle. The latter 

is aberrantly increased in advanced stage cancer patients (112-114). Hepatic gluconeogenesis can also 

be fueled by amino acids (e.g. alanine) released from muscle proteolysis –a circuit termed Cahill cycle 

(115, 116). In contrast to these enhanced pathways, hepatic lipid metabolism is impaired during cancer-

induced cachexia, which is marked by suppressed lipogenesis, and export of very low-density 

lipoprotein and triglyceride (117). However, very few studies have focused on the contribution of 

abnormal liver metabolism to cancer-associated cachexia. Besides its intrinsic metabolic function, the 
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liver also synthesizes bile acids that are essential in dietary lipid absorption and cholesterol catabolism. 

Importantly, administration of bile acids to mice increased energy expenditure in brown adipose tissue 

through the activation of cyclic-AMP-dependent thyroid hormone–activating enzyme D2, preventing 

obesity and resistance to insulin (118). A recent study has further shown that cancer-induced systemic 

inflammation alters bile acid metabolism and impairs hepatobiliary secretion, causing hepatic 

inflammation (119).   

5. Bone-muscle interaction  

Bone loss is also a feature of cancer cachexia that is often concomitantly observed with muscle atrophy 

(120). The relationship between bone and muscle is intimate with one influencing directly the 

homeostasis of the other (121). Skeletal indian hedgehog (Ihh) stimulate myogenesis and muscle 

growth by regulating myoblast cell cycle (122), and morphogenetic protein (BMP) signaling maintains 

muscle mass through Smad1/5/8 pathway which inhibits atrogene expression (123). In the other way 

around, muscle-derived factors IGF-1 (insulin-like growth factor 1) and FGF-2 (fibroblast growth 

factor 2) promote bone formation (124-126). Noteworthy, bone metastases (but not the primary tumor) 

were shown to increase the secretion of TGF-β from bone, which then induces muscle weakness in 

mice (127). Recent work has further shown that elevated circulating receptor activator of NF-kB ligand 

(RANKL) causes muscle atrophy and bone resorption in a mouse model of ovarian cancer, whereas 

bone preservation by bisphosphonates (used for the treatment of osteoporosis) or anti-RANKL prevents 

the loss of muscle mass and function (128). 

6. Contribution of the gut microbiota 

The gut microbiota plays a fundamental role in systemic metabolism and inflammation. Recent studies 

have explored the contribution of altered microbiota to the pathogenesis of metabolic diseases 

including obesity and cancer. The microbiota composition was found to differ significantly from obese, 

lean, to anorexic patients. For example, Lactobacillus species and Methanobrevibacter smithii were 

higher in obese and anorexic patients, respectively (129). Intriguingly, supplementation of 

Lactobacillus reuteri led to lower intestinal tumor burden and prevented muscle wasting in mice (130). 

Similarly, oral administration of L. reuteri and L. gasseri reduced pro-inflammatory cytokine levels as 

well as muscle atrophy in a mouse model of acute myeloid leukemia (131).  In another wasting model 

driven by C26 colon cancer, the microbiota of tumor bearing mice showed an increase in Klebsiella 

oxytoca that is associated with IL-6-induced disruption of the gut barrier (132).  
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Moreover, the metabolites secreted by the gut microbiome can also directly influence cancer 

progression.  Inulin-type fructans were shown to undergo gut fermentation into propionate, which 

inhibits leukemia cell proliferation in the liver tissue (133). 

7. Cardiac and respiratory failure 

Respiratory failure and cardiac arrest constitute two major causes of death in cancer patients. 

Proteolysis in the heart or diaphragm is directly linked to muscle wasting resulting from the syndrome 

of cachexia (12). Symptoms of fatigue, shortness of breath, and impaired exercise tolerance are often 

due to cardiac failure (134). Body weight loss is generally associated with decreased in heart weight in 

several murine models of cancer-cachexia (135) and in patients with lung, pancreatic, and 

gastrointestinal cancers (136). In addition, some chemotherapeutic agents (e.g. doxorubicin) can cause 

cardiac atrophy and diaphragm weakness as side effect, exacerbating cachexia (137, 138). Cardiac 

failure is associated with elevated oxygen consumption and heart rate as the heart tries to compensate 

for the insufficient output, causing increased energy expenditure and cardiac muscle wasting. In cancer 

patients, increased heart rate correlates with the increase in energy expenditure and predicts accurately 

mortality risk (136, 139).  

From the mechanistic standpoint, similarly to muscle atrophy, inflammatory cytokines are the main 

drivers of cancer-related heart failure (140). Indeed, chronic inflammation, but also chemotherapy, and 

antioxidant deficiency lead to oxidative stress that contributes to heart failure (141). Noteworthy, the 

activation of sympathetic system also raises the heart rate and cardiac output, worsening cardiac 

wasting (142). Besides these features, the heart also exhibits aberrant hormonal secretion. High levels 

of circulating cardiovascular neuro-hormones have been reported in cancer patients, although whether 

these factors are involved in heart failure remains unclear. Interestingly, increased brain natriuretic 

peptide (BNP), a regulator of cardiac remodeling used as diagnostic marker in heart conditions (143), 

was found in cancer patients even without any cardiovascular symptoms (144). Finally, the renin–

angiotensin system, which is a key regulator of blood pressure, is also altered in cachexia (145). 

Notably, angiotensin II levels are elevated in several types of cancers and has been proposed as a 

biomarker of cachexia (146).  The molecular mechanisms mediating cardiac muscle proteolysis are 

very similar to the ones of skeletal muscle and will be discussed below.  
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Skeletal muscle wasting  

The skeletal muscle allows one to move, speak, chew, and controls breathing, temperature homeostasis, 

and even vision. It is the largest reservoir of proteins accounting for roughly half of the total body 

weight, which can be broken down and mobilized to provide energy source (or precursors for protein 

synthesis) for other organs (147). Muscle mass and myofiber size can vary largely depending on the 

physiological and pathological conditions. Muscle mass increases during development, upon 

mechanical, or hormonal stimuli (e.g. strength training, testosterone, β2-adrenergic agonists). By 

contrast, its decrease can result from aging, disuse, denervation (or motor neuron disease), fasting, 

chronic use of corticosteroids (e.g. Cushing syndrome), and metabolic disorders including diabetes and 

cancer (148). Skeletal muscle atrophy is the hallmark of cachexia, and muscle mass accurately predicts 

the outcome of therapies and survival in cancer patients. General muscle physiology will be outlined 

briefly hereafter prior to the discussion of cancer-induced muscle atrophy.  

Oxidative vs glycolytic fibers  

The force generated by the skeletal muscle depends on its size and composition of fiber type, the latter 

also predicts the metabolism and response to stimulus of the muscle. In humans, most skeletal muscles 

express two major type of fibers: slow twitch (type 1) and fast-twitch (type 2), which include subtypes 

2A, 2B and 2X depending on the isoform of myosin heavy chain (MHC) expressed (149). Skeletal 

muscles rich in slow-twitch fibers (e.g. soleus) are characterized by denser vascularization, 

mitochondrial saturation, higher expression of myoglobin, and primarily rely on mitochondrial 

oxidative metabolism.  Consequently, they are more resistant to fatigue, and contract with little force 

for longer periods, allowing endurance exercises. Conversely, skeletal muscles that are richer in fast-

twitch fibers (e.g. gastrocnemius) have less mitochondria and myoglobin, undergo faster contraction 

period that is sustained by anaerobic glycolysis, and are therefore more susceptible to fatigue. They 

allow short but powerful exercise such as sprint and weightlifting (149).   

Conditions linked to muscle atrophy and their differences 

The molecular changes that mediate skeletal muscle atrophy can vary largely depending on the 

stimulus. For instance, starvation causes caloric deficiency prior to the induction of a reversible muscle 

atrophy that is often associated with adipose tissue loss, without inflammation nor change in resting 

energy expenditure. Moreover, the wasting is a relatively short phenomenon compared to other types of 
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atrophy, and prolonged starvation paradoxically reduces protein catabolism (150). Atrophy also occurs 

in response to decreased or loss of neural input such as in motor neuron diseases or denervation, with 

similar characteristics as starvation-induced atrophy but both protein degradation and synthesis are 

increased (151, 152). Sarcopenia is the progressive loss of muscle mass and strength due to normal 

aging (153), which is characterized by reduced resting energy expenditure, normal or reduced protein 

catabolism, without systemic inflammation or any underlying pathological condition (154). Sarcopenia 

is mostly preventable or even reversible, especially by increasing physical exercise (155). In contrast to 

the stimuli above, skeletal muscle atrophy occurring in cachexia (e.g. due to COPD, chronic cardiac 

failure and especially cancer) is associated with tremendous increase in energy expenditure, 

inflammation, and protein catabolism, which cannot be reversed by nutritional supplementation (156).  

Muscle mass regulation  

Myofiber size is mainly regulated by two cellular processes: Protein turnover (balance between protein 

synthesis and degradation) and myonuclear turnover (fusion of satellite cells, or nuclear apoptosis). Of 

note, the metabolism and response to a stimulus can vary drastically according to the muscle fiber types 

present within the muscle. For instance, slow muscles (e.g. soleus) have higher rates of both protein 

synthesis and degradation, and are less susceptible to undergo to atrophy caused by starvation (148).  

Myogenesis/myonuclear turnover 

Myonuclear accretion that occurs during post-natal myogenesis or muscle regeneration depends 

essentially on the activity of satellite cells, or precursor of myoblasts. Upon stimulus (e.g. injury), 

satellite cells are activated and proliferate through symmetric and asymmetric cell division, which 

results in two distinct myoblast populations (Fig. 4): One population returns to quiescence, while the 

other further differentiate into myocytes and finally fuse with muscle fibers by nuclear accretion. 

Committed satellite cells are characterized by loss of Pax3 (marker of precursor cells) followed by 

Pax7 and MYF5 expression, which then decreases during differentiation. Meanwhile, MyoD 

expression regulates the proliferation of myoblast and their differentiation into myocytes. Finally, 

MyoG is a key regulator of late differentiation which consists in the fusion and formation of myofibers 

(or myotubes in vitro) (157). In pathological states (e.g. prolonged inflammation), satellite cell 

activation, proliferation, or differentiation can be compromised, causing muscle atrophy (158). 

Consistently, in vivo atrophy induced by C26 colon carcinoma featured upregulated Pax7 and reduced 

myogenin levels, reflecting impaired myogenesis (159). Another study on the same model further 
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showed that upon injury, cachectic mice fail to recruit mesenchymal progenitors, neutrophils, and 

macrophages (which normally infiltrate the damaged tissue) in the skeletal muscle, causing defective 

regeneration (160). 

 

Figure 4. Chronological involvement of major transcription factors and markers across different  

stages of myogenesis (149)  

Myonuclear fusion regulates muscle mass. During embryogenesis or post-natal regeneration, activated 

satellite cells proliferate and fuse, leading to increased number of myonuclei which contribute to 

muscle growth. 

Protein homeostasis 

Protein turnover is finely regulated by transcriptional, translational, and post-translational processes 

(161), and the balance between protein synthesis and degradation determines muscle mass. Protein 

synthesis is highly dependent on the pathway of phosphoinositide−3−kinase/protein kinase 

B/mechanistic target of rapamycin (PI3K- Akt-mTOR). Conversely, myofibrillar degradation is mainly 

mediated by the ubiquitin-proteasomal system (UPS), autophagy-lysosomal pathway (ALP), caspases, 

and calpains. Noteworthy, FoxO transcription factors are essential regulators of proteolysis as it 

activates both ubiquitin ligases and autophagy.  
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Insulin/IGF-1-AktT-mTOR axis 

 

Insulin is a peptide hormone secreted by beta-cells of the pancreas, and insulin-like growth factor 1 

(IGF-1) is mainly produced by the liver. These two hormones are important anabolic factors for muscle 

growth by activating a cascade of phosphorylative events through the mitogen-activated protein 

kinase/extracellular signal-regulated kinase (MAPK-ERK) and the PI3K-Akt-mTOR pathways. 

Importantly, muscle-specific overexpression of IGF-1 is sufficient to sustain muscle growth and 

regeneration in aged mice (162). However, only the activation of PI3K–AKT pathway (either 

constitutive or inducible), but not of ERK, could induce hypertrophy of myofibers without satellite cell 

activation (163-165). 

Akt is a key mediator in preserving muscle mass as it stimulates protein synthesis through mTOR but 

also inhibits protein degradation by the phosphorylation of FoxOs, which impedes their nuclear 

translocation (148). Mechanistic target of rapamycin (mTOR) is a multiprotein complex that regulates 

cell metabolism, proliferation, and nutrient sensing. mTORC1 and mTORC2 are structurally and 

functionally distinct. mTORC1 (rapamycin-sensitive) is involved in anabolic signaling, protein 

synthesis, organelle biogenesis while mTORC2 plays a role in glucose and lipid metabolism. Indeed, 

selective inhibition of mTORC1 by rapamycin or genetic knock out impairs muscle growth in vivo (164, 

166, 167). However, inducible muscle-specific deletion of Raptor (subunit of mTORC1) does not fully 

suppress protein synthesis (168). Although significantly decreased, muscle growth is not completely 

blunted upon the expression of catalytically inactive mTOR, and autophagy is unexpectedly impaired 

rather than activated, contributing to severe myopathy (167, 169). Therefore, mTORC1 is mainly 

involved in the regulation of muscle growth, but its role is not exclusive as other mTOR-independent 

pathways also control protein synthesis and autophagy. Noteworthy, other pathways also converge on 

the mTOR pathway to stimulate protein synthesis, including β-adrenergic signaling. β2-adrenergic 

agonists (e.g. clenbuterol or formoterol) induces muscle hypertrophy through AKT phosphorylation 

which can be abolished by rapamycin (170).  

Intracellular mechanisms of protein degradation 

Myofibrillar degradation is mainly mediated by the ubiquitin-proteasomal system (UPS), autophagy-

lysosomal pathway (ALP), caspases, and calpains. The UPS is responsible for the removal of targeted 

proteins for degradation. A sequential process of ubiquitin transfer by ubiquitin-activating enzymes 

(E1), conjugating enzymes (E2), and ligating enzymes (E3) marks specific proteins destined for 
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degradation (171). Polyubiquitinated proteins are then transferred to 26S proteasome complexes in 

which they are degraded. Muscle-specific E3 Ub-ligases are also known as atrogenes and serve as 

readout of skeletal muscle atrophy in experimental studies, including Atrogin-1 and MuRF1 (muscle 

RING-finger protein-1).  

In physiological and catabolic conditions, the ALP plays a fundamental role in the clearance of 

misfolded, aggregated, damaged proteins or parts of cell organelles (e.g. mitochondria and endoplasmic 

reticulum) whose accumulation can cause cell toxicity. Therefore, impaired autophagy can cause also 

myofiber degeneration as toxic aggregates accumulate (172). Autophagy is triggered in response to 

nutrient starvation (notably of amino acids and glucose, sensed by mTOR and AMPK, respectively) as 

a recycling program to yield metabolites (173). Noteworthy, the skeletal muscle can undergo persistent 

autophagy continuing for days during starvation, unlike most tissues that show a rather transient 

activation lasting a few hours (174). The process of autophagy is initiated by the generation of double 

membrane intracellular vesicles that engulf parts of cytoplasm, organelles, or protein aggregates, 

forming a complex called autophagosomes, which are then fused with lysosomes for the degradation of 

their contents (175). These steps require the expression and complexation of kinases and core 

autophagy-related proteins (ATG) proteins, including the ULK1 (Unc-51-like kinase 1), 

phosphatidylinositol 3-kinase, catalytic subunit type 3 (PI3KC3, also known as VPS34), BCL2 

Interacting Protein 3 (BNIP3), Beclin 1 (BECN1), microtubule-associated proteins light chain 3 (LC3) 

and γ-aminobutyric acid receptor-associated proteins (GABARAP) subfamily (173, 175). Importantly, 

the two latter are among the upregulated atrogenes encoding for proteins that are degraded during the 

fusion of autophagosomes and lysosomes (172).   

To a lesser extent, protein degradation in the muscle can also be mediated by calpains and caspases, 

which are families of cysteine proteases. Their proteolytic activity increases during cellular necrosis or 

apoptosis, causing overall suspension of cell function by inhibition signal transduction (176). Their 

relevance during muscle atrophy remains however unclear.  

Forkhead box proteins (FoxOs) as upstream regulator of atrogenes 

FoxO1,3 and 4 are transcription factors downstream of the IGF-1/Insulin-Akt pathway and the 

inhibition of their activity can fully prevent loss of muscle mass and strength resulting from fasting, 
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denervation, diabetes, or glucocorticoids (177, 178). The expression of FoxO3 is sufficient and 

required for lysosomal-dependent muscle protein breakdown both in cells and in vivo (179).  

FoxOs are regulated at several levels. FoxO expression can be transcriptionally upregulated in catabolic 

conditions through glucocorticoid/REDD1/KLF15 signaling that inhibits mTOR pathway (180). 

Furthermore, multiple post-translational modifications regulate the activity of FoxOs, including 

phosphorylation, acetylation, ubiquitination, and methylation. Consequently, FoxO activity changes 

according to the stimulus under the action of different kinases (such as Akt, AMPK, MAPK, ERK). For 

example, p300/CBP-driven acetylation inactivates FoxO3 (181), and deacetylation by histone 

deacetylase activates FoxOs (182). In addition to post-translational modifications, FoxO activity can 

also be inhibited by other transcription factors, such as the master regulator of mitochondrial biogenesis 

PGC1-α (183, 184), or synergize with β−catenin to worsen muscle atrophy (185). 

Cytokines-driven control of muscle mass  

Cancer-induced muscle wasting is primarily mediated by excessive inflammation. Early studies first 

found that TNF-α, initially known as cachectin, triggers anorexia and muscle atrophy through NF-κB 

signaling (186, 187). Other pro-inflammatory cytokines including IFN-γ, IL-1, and IL-6 a have been 

successively identified as inducers of atrophy. Several signaling pathways involve and integrate their 

mass-modulating effects (Fig. 5), notably:  

1. Ligands of TGF-β superfamily and signaling 

The transforming growth factor β (TGF-β) superfamily comprises over 30 ligands, among which 

myostatin (also known as GDF8), activin, and TGF-β are well-known inhibitors of muscle hypertrophy 

(188-190), while bone morphogenic proteins (BMP7,13 or 14) have been identified as pro-hypertrophic 

(122). These ligands share common receptors that are activin type II receptors (ActRIIA/B) but activate 

distinct transcription factors that have opposite effects on muscle growth. 

 The binding of myostatin, activins or TGF-β to ActRIIA/B or TGF-βRII recruits ALK4/5/7 to 

phosphorylate and induce complex formation of Smad2/3 with Smad4, resulting in their translocation 

into the nucleus. The complex then activates the transcription of atrogenes promoting muscle atrophy. 

Importantly, Smad2 or Smad3 inhibition is sufficient to induce muscle growth (191, 192). 

Pharmacological antagonism of ActRIIB rescued muscle and cardiac wasting in tumor-bearing mice, 
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leading to prolonged survival (193). Similarly, myostatin blockade promotes hypertrophy, which can 

be reversed upon rapamycin treatment, indicating that myostatin hampers muscle growth by interfering 

with mTOR pathway (191, 192).   

BMP ligands (BMP7,13 or 14) bind additionally to BMP type II receptors (BMPRII), activating 

ALK2/3/6 which triggers the complex formation of Smad 1/5/8 with Smad4. Nuclear translocation of 

this complex results in increased protein synthesis, possibly through mTOR pathway. Of note, BMP 

and TGF-β/myostatin/activins signaling can be negatively regulated by extracellular cytokines, such as 

noggin and follistatin (122, 194).   

2. TNF-α family/ NF-κB pathway 

NF-κB is a key transcription factor mediating the inflammatory effects of cytokines, particularly TNF-

α, IL-1 and IL-6. TNF Receptor Associated Factors (TRAFs) are intracellular adaptors that interact 

with the surface receptors of TNF-α family ligands, such as TNFR-1 and -2, Toll-like receptor 4 

(TLR4), and IL-1R to integrate their inflammatory signals through NF-κB and MAPK pathways (158). 

Inactive NF-κB is held by IκB in the cytoplasm. TNF-α binding to its receptor TNFR stimulates the 

TRAF2/TRADD complex, which activates the IκB kinase (IKK). The phosphorylation of IκB triggers 

its ubiquitination and proteasomal degradation, releasing NF-κB that translocates into the nucleus 

where it activates atrogene expression (notably MuRF1) (195).  Indeed, transgenic mice with muscle-

specific overexpression of IKK-β developped severe muscle atrophy (195), whereas blockade of NF-

κB attenuated muscle wasting in mouse models of pulmonary inflammation (196), cancer cachexia and 

denervation (195, 197). 

Besides TNF-α, tumor necrosis factor-like weak inducer of apoptosis (TWEAK or TNFSF12, which is 

another member of the TNF superfamily ligands) also induces muscle atrophy through NF-κB (198). 

Notably, TWEAK binds to fibroblast growth factor-inducible 14 (Fn14 or TNFRSF12A), which is 

upregulated in the skeletal muscle following denervation (but not with glucocorticoid treatment) and 

recruits TRAF6 to activate NF-κB signaling (198).  TRAF6 was found to increase in LLC-tumor 

bearing mice, and its muscle-specific depletion protected from atrophy (199).  

In addition to proteolysis induction, inflammatory cytokines also impair myogenesis during muscle 

regeneration through NF-κB signaling (200-202), highlighting the importance of NF-κB in mediating 

inflammation-driven muscle atrophy. 
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3. MAPK signaling 

The MAPK family consists of four types of kinases: Extracellular signal-regulated kinases 1/2 

(ERK1/2), p38 MAPK, c-Jun NH2-terminal kinases (JNK), and ERK5 (203), which have been 

associated with muscle wasting. Along with NF−κB, p38 MAPK also mediates the induction of 

MuRF1 and Atrogin-1 by TNF-α and IL-1 (204-206), and also increase energy expenditure through 

CCAAT/enhancer binding protein (C/EBPβ) activation in tumor-bearing mice (207).                        

JNK controls cell proliferation and differentiation through Activator Protein-1, cyclins, and matrix 

metalloprotease 2 (MMP2) that are activated in muscle atrophy (208, 209). Coherently, increased 

phosphorylation of ERK correlates with impaired myogenesis and muscle atrophy in C26 tumor-

bearing mice, which can be alleviated by ERK inhibition (159). 

4. JAK/STAT3 signaling 

Pro-inflammatory cytokines IFN-α/β/γ, TNF-α, IL-1, and IL-6 also activate the Signal Transducer and 

Activator of Transcription (STAT3) (210). Circulating IL-6 levels correlate with p-STAT3 and 

Atrogin-1 mRNA levels in the skeletal muscle of tumor-bearing mice (in C26 and APC models) (211, 

212). The binding of IL-1 to its receptor activates the tyrosine kinase JAK that in turn phosphorylates 

STAT3 through homo or heterodimerization, enabling its nuclear translocation (213). STAT then 

stimulates C/EBP, thereby upregulating myostatin, Atrogin-1, MuRF1, and caspase-3 expression (214-

216). Blockade of IL-6R with neutralizing antibody, or pharmacological STAT3 inhibition attenuated 

muscle loss in C26-bearing mice (211, 217). Conversely, IL-6 upregulation is sufficient to induce 

muscle atrophy, as observed in transgenic mice with human IL-6 overexpression (218), as well as rats 

receiving intra-peritoneal (219) or intra-muscular (214) injections of IL-6. In vitro data have 

furthermore shown that besides atrogene transcription, IL-6 also suppresses mTOR-dependent protein 

synthesis through STAT3 (220).  
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Figure 5. Muscle mass modulation by extracellular (pro-inflammatory) ligands (62)  

Muscle mass is controlled by extracellular ligands, which include endocrine factors or hormones (IGF-

1, insulin, glucocorticoids, activins), cytokines (TNF, TWEAK, IL-6, TGF, etc) and 

paracrine/autocrine factors (BMPs, myostatin). Their signals are integrated by transcription factors 

(FoxOs, NF-κB, STAT3, SMADs) which induce catabolic program while inhibiting synthesis by the 

PI3K/Akt/mTOR axis. 

Mitochondrial control of muscle homeostasis  

Energy production by mitochondrial metabolism is essential to sustain anabolism, as protein synthesis 

consumes considerable amount of energy. For instance, mitochondrial calcium uniporter (MCU), which 

is responsible for mitochondrial calcium uptake, also controls glucose oxidation and maintains 

myofiber size in physiological conditions. Consistently, MCU overexpression prevents atrophy 

following denervation, likely through PGC1-α upregulation (221).  

PGC1-α is a key regulator of mitochondrial biogenesis, downstream of AMPK, that allows metabolic 

adaptions to endurance exercise, and its overexpression attenuates fasting, denervation, and cancer- 

induced atrophy via inhibition of FoxO (183, 222). This explains at least partly why exercise-trained 

muscles or oxidative muscle fibers are less susceptible to undergo atrophy. However, PGC1-α 

overexpression does not increase protein synthesis nor muscle hypertrophy in healthy mice (229). 

Mitochondrial dysfunction, caused by aberrant mitochondrial dynamics (increased fission and 

decreased fusion), impaired mitochondrial biogenesis, and/or mitochondrial metabolism, has been 

associated with catabolic conditions and muscle wasting (Fig. 6) (223, 224). Notably, increased 
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expression of BNIP3 (marker of mitophagy) along with decreased mitochondrial content and oxidative 

capacity precede muscle atrophy in tumor-bearing mice (225). Akin to these observations, silencing of 

the fusion protein OPA1 (Optic Atrophy 1) or the fission component DRP1 (Dynamin Related Protein 

1) lead to muscle wasting in mice (223, 226). Moreover, acute OPA1 inhibition leads to oxidative 

stress, systemic inflammation and premature senescence in vivo (223), while DRP1 ablation disrupts 

calcium homeostasis and mitochondria–ER tethering, causing muscle degeneration without impacting 

lifespan in mice (226). Nevertheless, impaired mitochondrial respiration (decreased oxidative 

metabolism) is a common feature linking different types of mitochondrial defects and muscle atrophy. 

  

 

Figure 6. Mitochondrial features in cancer-induced muscle wasting (224)  

Altered mitochondrial dynamics (fission and fusion), mitophagy, biogenesis, and metabolism have 

been linked to several wasting diseases, notably cancer cachexia.  
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Chemotherapy-induced cardiac and skeletal muscle wasting 

As noted above, anticancer therapies can significantly alter body composition, causing fat, cardiac, and 

skeletal muscle wasting as well as decreased bone mass in cancer patients (227). In addition, cachexia 

reduces tolerance and response to treatment, thereby impacting further the quality of life and survival. 

Current chemotherapies work as double-edged swords: The anticancer effects lead to decreased tumor-

induced inflammation, but meanwhile other off-target tissues can be affected by drug toxicity, inducing 

inflammatory signaling that worsens cachexia. For instance, cisplatin and mitomycin stimulate TNF-α 

production by macrophages (228). Moreover, cisplatin, cyclophosphamide, and anthracyclines (e.g. 

doxorubicin) have been shown to directly activate proteasome- and autophagy-mediated protein 

degradation (88, 229, 230). Similarly, most chemotherapeutic agents can induce oxidative stress that 

cause mitochondrial dysfunction and oxidation of myofibrillar proteins (231-233), which increases 

their degradation (234, 235). In addition, doxorubicin also inhibits muscle protein synthesis by mTOR 

signaling (236). Interestingly, although the skeletal muscle and heart show similar degree of mass loss 

upon doxorubicin exposure, changes in protein synthesis, protein ubiquitination, and atrogene levels 

were less evident in the heart (237).  
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Altered iron metabolism as a feature of cancer 
 

All forms of life require iron as a cofactor to sustain vital biological processes such as DNA replication 

and energy production (238-240). Recent bioinformatic data estimated that 2% of the human genome 

encodes iron-containing proteins, and 6.5% of enzymes depend on iron for catalysis (241). In addition 

to its natural abundance, the versatile feature of iron is largely attributable to its electro-chemical 

properties as a transition metal that can fluctuate between a broad range of redox states, with Fe
2+

 

(ferrous) and Fe
3+

 (ferric) being the most common (242). While a trace amount of iron is essential for 

cell survival, excessive iron promotes reactive oxygen species generation (ROS) (243, 244). Hence, 

iron levels are finely tuned by regulatory mechanisms within cells and between organs in the body. Iron 

is an essential constituent of hemoproteins (which include hemoglobin, myoglobin, and cytochromes), 

and iron-sulfur proteins that are responsible for a plethora of systemic functions ranging from oxygen 

transport to cell metabolism and DNA synthesis (245). Systemic iron deficiency ultimately leads to 

anemia and represents one of the most common health conditions in humans. Conversely, iron overload 

is also a frequent disorder typically due to genetic diseases such as hereditary hemochromatosis (246). 

Research in the field of iron metabolism has been focused on hematology, while accumulating studies 

highlight the importance of an adequate iron supply in non-erythroid cells. Besides blood disorders, 

disrupted iron homeostasis has been linked to pathogenesis of metabolic diseases, including diabetes 

and cancer (247, 248). In particular, cancer cells have to adapt to this double-edged sword as they 

require unphysiological amount of iron to sustain cell proliferation which meanwhile contributes to 

increasing oxidative stress. The latter promotes deleterious protein, lipid, and DNA modifications and 

further metabolic changes, thereby selecting cells with most aggressive phenotype for tumor growth.  

Epidemiology linking iron to cancer 

Iron is an essential trace metal acquired from dietary sources that can be classified into plant-based, 

inorganic iron and animal-derived heme iron. Results from large epidemiological studies have 

concluded that red meat intake is positively associated with liver, lung, pancreatic, breast, esophageal, 

and colorectal cancers (249-254). The latter has been given particular attention in epidemiology, and 

high heme content in red meat was found to underlie the positive association between meat 

consumption and colorectal cancer (255, 256). Notably, meat-derived heme catalyzes the formation of 

lipid peroxides (257) and nitroso-compounds (notably nitrosyl-heme and nitrosothiols, (258)), giving 

rise to reactive species and carcinogenic DNA adducts (259).                                                           
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Besides dietary iron intake, accumulating clinical studies have shown a positive correlation between 

systemic iron levels and different types of cancer in humans (reviewed by Torti et al (248)). Notably, 

high transferrin saturation (above 40%) has been associated with increased risk of cancer in both 

genders (260). Patients suffering from iron overload due to hemochromatosis or homozygous β-

thalassemia, were also reported to present a higher risk of liver cancer (261-263). In contrast, iron 

reduction by regular blood donations, or by phlebotomy in peripheral arterial disease patients, has been 

associated with a lower risk for cancer (264, 265). 

Systemic iron metabolism 

Total body iron depends on the age, gender, diet, and health condition, but ranges between 3 and 4 

grams in healthy adults, of which about two-third is contained by hemoglobin in red blood cells, which 

is continuously recycled by the reticulo-endothelial system (266, 267). Dietary iron absorption is 

relatively poor and generally yields negligible 1-2mg of bioavailable iron (266). Non-heme iron 

absorption via the duodenal apical membrane is influenced by factors including intraluminal pH, the 

presence of reducing substances, such as ascorbic acid, and the redox state. Ferrous (II) iron is 

absorbed with greater efficiency, while ferric (III) iron is reduced to the ferrous state to be absorbed 

through divalent metal transporter 1 (DMT1). Heme iron absorption is not influenced by such factors 

and is taken up by enterocytes via a low-affinity heme carrier protein 1 (HCP1), then degraded by 

heme-oxygenase 1 (HO1) to yield iron (268). After absorption, iron is exported from enterocytes to the 

blood system through the basolateral membrane transporter ferroportin (FPN), the only known exporter 

of iron (269). Iron (II) is oxidized by hephaestin and ceruloplasmin (HEPH/CP) to ferric state (III) prior 

to its binding to transferrin which allows its circulation in the bloodstream (266, 270). Of note, 

transferrin is the predominant iron-binding protein in the circulation, other homologues include 

melanotransferrin that is lowly expressed on cell membranes (271, 272), and lactoferrin, a glycoprotein 

secreted by exocrine glands and immune cells with iron-sequestrating properties (273). Nevertheless, 

both melanotransferrin and lactoferrin have much lower affinity for TFR1 and have a minor role in iron 

metabolism (274-276).  

Indeed, all cells require iron, but most is used by the bone marrow for erythropoiesis (246). Unused 

iron from peripheral tissues is then stored by the liver, that plays a major role in the maintenance of 

systemic iron homeostasis by secreting hepcidin (Fig. 7). Hepcidin binds to FPN and induces its 

internalization and lysosomal degradation leading to reduced circulating iron levels (277-280).  
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Figure 7. Main regulators of systemic iron homeostasis (238)  

Iron comes from dietary absorption by the duodenum. Enterocytes exports iron to the bloodstream, 

where it is transported by transferrin. Circulating iron is mainly taken up by the bone marrow for 

erythropoiesis, while the reticuloendothelial system recycles iron from senescent erythrocytes. The 

liver fine-tunes iron levels by secreting hepcidin, which inhibits the membrane expression of 

ferroportin in peripheral tissues. 

 

When anemia occurs suddenly, e.g. after hemorrhage, erythroblasts also secrete a hormone termed 

erythroferrone (ERFE), which inhibits hepatic hepcidin production thus resulting in higher iron levels 

to fuel erythropoiesis (281). A muscle-derived hormone termed myonectin was later found identical to 

ERFE but has been described primarily as a regulator of systemic lipid metabolism, and its relevance in 

iron metabolism remains elusive (282).  

Cellular iron metabolism 

Since iron is both essential and toxic, iron uptake, trafficking, and storage are tightly controlled cellular 

processes to maintain homeostasis (Fig. 8). In non-erythroid peripheral tissues, transferrin-bound iron 

(TBI) binds to its receptor (TFR1) and enters into the cells through endocytosis, is reduced to Fe (II) by 

STEAP (six-transmembrane epithelial antigen of prostate) reductases and released from the endosome 

by dimetal transporter 1 (DMT1) (283, 284). Unlike TFR1, TFR2 shows low affinity to Tf and is 

mainly expressed in the liver where it acts as an iron sensor regulating hepcidin production (285).  
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For heme, several proteins (mostly non-selective) are involved in the uptake, including heme carrier 

protein 1 (HCP1), FLVCR2, clusters of differentiation 91 and 163, whose expression and role depend 

on the cell type. Circulating heme can also be imported via endocytosis, requiring heme-responsive 

gene 1 (HRG1) to release heme in the intracellular space which can then be degraded by heme 

oxygenase 1 (HO1)  to yield iron (286). Iron can remain free in the cytosol (labile iron pool) while a 

major amount enters mitochondria through mitoferrin (MFRN) 1/2 in erythroid and non-erythroid cells, 

respectively (287, 288). Excessive iron in the cytosol is sequestrated by its storage protein ferritin (FT), 

composed of heavy and light subunits (238). Ferritin degradation by a process similar to autophagy 

(process termed ferritinophagy) requiring a cargo receptor NCOA4 (nuclear receptor coactivator 4) 

releases bioavailable iron back to the cytosol (289). How iron is reduced back to the ferrous state 

remains to be elucidated.  

 

Figure 8. Cellular iron metabolism (238) 

In normal cells under physiological conditions, iron is mainly taken up by TFR1, and sequestrated by 

ferritin in the cytosol, enters mitochondria through mitoferrin for ISC and heme synthesis, and exported 

through ferroportin. In cancer cells, the expression of these and other regulators of intracellular iron 



38 

 

trafficking (less relevant in physiological conditions) can be significantly altered. Noteworthy, many 

proteins mediate the uptake of iron (DMT1, ZIP14/8) or heme (CD163, LRP1, HRG1, FLVCR2), but 

only one exporter has been identified for each (FPN and FLVCR1a).  

 

Intracellular iron homeostasis is primarily maintained by iron-regulatory proteins (IRP) 1/2, which 

regulate iron uptake, storage, and excretion by post-transcriptional modifications of major proteins 

involved in iron trafficking (290). During iron deficiency, IRPs bind to iron-responsive elements (IREs) 

located in the 5' or 3' untranslated regions (UTR) of target transcripts. Binding of IRPs to 5'UTR IRE 

results in translation repression of the mRNA (for ferritin and ferroportin), while binding to 3'UTR IRE 

stabilizes the mRNA to increase translation (such as for transferrin receptor 1) (290).  

Despite the same role in iron metabolism regulation, the two IRPs function with distinct iron-sensing 

mechanisms. In iron-replete conditions, IRP1 is an cytosolic iron-sulfur enzyme known as aconitase, 

which converts citrate to isocitrate (291), whereas IRP2 is degraded by the ubiquitin-proteasome 

system after recognition by FBXL5 (F-Box And Leucine Rich Repeat Protein 15) (292). The lack of 

iron-sulfur cluster due to iron deficiency triggers the functional switch of IRP1 while stabilizing IRP2 

(Fig. 9). 

 

Figure 9. Cellular iron homeostasis control by iron regulatory proteins (293)   

In iron replete cells, IRP1 exerts its activity as an enzyme while IRP2 is ubiquitinylated by an iron-

dependent ligase (SKP-CUL1 E3) and degraded. In iron deficient cells, IRP1 loses its activity, and 

IRP2 is stabilized.  IRPs bind to iron-responsive elements (IREs) that are located in the untranslated 

regions (UTR) of mRNAs encoding proteins involved in iron trafficking. The binding of IRPs to  IREs 

in the 5′ UTR of target mRNAs inhibits their translation (e.g. ferritin, ferroportin), whereas the binding 

in the 3′ UTR IREs increases mRNA stability (e.g. TFR1, DMT1).  

https://www.sciencedirect.com/topics/biochemistry-genetics-and-molecular-biology/iron-responsive-element
https://www.sciencedirect.com/topics/biochemistry-genetics-and-molecular-biology/untranslated-region
https://www.sciencedirect.com/topics/biochemistry-genetics-and-molecular-biology/untranslated-region
https://www.sciencedirect.com/topics/biochemistry-genetics-and-molecular-biology/3-untranslated-region
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Mitochondrial iron and oxidative metabolism 

Mitochondria import iron through mitoferrin 1/2 (287, 288). Most of the imported iron is used for heme 

and iron sulfur-clusters synthesis that mainly take place in the mitochondria. These cofactors are highly 

versatile and essential to cellular metabolism. The biosynthesis pathways of both heme and iron-sulfur 

clusters have been extensively described previously and will be briefly outlined herein (268, 294, 295).  

Heme metabolism and hemoproteins 

Substantial increase in heme biosynthesis as well as accumulation of protoporphyrin IX have been 

linked to different cancers (286). Heme is a prosthetic group that consists of iron complexed with a 

protoporphyrin IX ring found in various proteins involved in oxygen binding, metabolism, 

detoxification, and even signaling. Heme synthesis starts with the generation of 5-aminolevulinic acid 

(ALA) from glycine and succinyl-coenzyme A by aminolevulinate synthase (ALAS). ALA is 

sequentially converted to protoporphyrin IX, into which iron is incorporated by ferrochelatase (FECH). 

Besides the use by mitochondrial proteins, a substantial amount of heme is also exported from the 

mitochondria to the cytosol through Receptor of feline leukemia virus subgroup C 1- isoform b 

(FLVCR1b) (268). Noteworthy, the isoform a (FLVCR1a) exports cytoplasmic heme and is required 

on developing erythroid cells by conferring protection against heme toxicity. Inhibition of FLVCR in 

human leukemic cells decreases heme export, impairs erythroid maturation and leads to apoptosis (296). 

In line with these observations, full body FLVCR knockout in mice leads to lethality due to impaired 

erythropoiesis and severe anemia, indicating that the survival of erythroid precursors requires heme 

export. Moreover, FLVCR also mediates heme export from macrophages that ingest senescent red cells 

and recycle iron. Therefore, the trafficking of heme (in addition to the one of elemental iron) is 

required for erythropoiesis and systemic iron balance (297). 

Heme plays a major role in both pro-oxidant and antioxidant reactions. Most catalases (anti-oxidant 

enzymes that break down hydrogen peroxide to water and oxygen) are heme-containing enzymes that 

have a ferric protoporphyrin IX (or heme b) in their active sites (298). Increased catalase expression 

has been reported in several cancer cell types (299), and recent meta-analyses revealed a correlation 

between a specific polymorphism of catalase and prostate cancer (300, 301). Besides antioxidant 

defense, heme also participates in oxidative stress and inflammation. For instance, nitric oxide synthase 

(NOS) requires heme as a cofactor to produce NO from L-arginine. Particularly, inducible NOS (iNOS 

or NOS2) isoform has been commonly found upregulated in tumors, where NO is viewed as an 
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oncogenic molecule that promotes a wide range of pro-tumoral effects including genome instability, 

cell invasion and angiogenesis (302, 303).  

Similar to the effects exerted by NO, prostanoids (prostaglandins and thromboxane) are arachidonic 

acid-derived lipophilic signaling molecules that mediate inflammation and vasodilation. Their 

syntheses are catalyzed by cyclooxygenases COX1 and COX2, which require a heme prosthetic group  

(304). COX2 is an inducible form that has been associated with excessive inflammation and 

carcinogenesis along with increased angiogenesis, tissue invasion, resistance to apoptosis and immune 

defense (305, 306).  

Iron sulfur proteins  

Iron sulfur clusters (ISC) are inorganic complexes formed by two or more atoms of iron and sulfur 

from cysteine residues in proteins. As both iron and sulfur can donate or accept electrons, the resulting 

coordination presents a wide range of oxidation states (307, 308). All forms of life require iron sulfur 

clusters for cellular homeostasis, and the proteins involved in their synthesis have been highly 

conserved throughout evolution (308).  

Mammalian iron sulfur-clusters synthesis starts in the mitochondrial matrix with the transfer of free 

iron and sulfur from cysteine to the scaffold protein ISCU (Iron-sulfur cluster assembly enzyme) by a 

protein complex composed of dimerized NFS1 (cysteine disulfurase) and ISD11 (LYR Motif-

Containing Protein 4). Frataxin (FTX) binds to the core complex inducing a conformational change that 

fosters the formation of ISC (309-311). Iron-binding proteins glutathione, glutaredoxin, and frataxin 

have been suggested to provide iron to the nascent ISC (312-314). The ISC is then transferred from the 

scaffold protein to apoproteins to finally form iron-sulfur proteins. ISC can be also exported from the 

mitochondria to the cytosol by ABCB7 (ATP-binding cassette sub-family B member 7) (315).    

Several components of its biosynthetic pathway, including cysteine disulfurase (NFS1), frataxin (FTX), 

and glutathione have been shown to foster tumor progression and resistance to therapies (316-318).   

A recently characterized class of iron-sulfur proteins named NEET has also gained interest in the field 

of cancer. Notably, MitoNEET is anchored in the outer membrane of mitochondria (319, 320), and 

NAF1 (another member of the NEET family) is expressed in both mitochondria and endoplasmic 

reticulum (321). In non-malignant cells, NEET proteins are involved in remarkably broad processes 

including autophagy, fatty acid metabolism and insulin secretion (322-324). Both mitoNEET and 
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NAF1 have been reported to predict negative prognosis in breast, liver, pancreatic and cervical cancers 

(325-327). Notably, the overexpression of NEET proteins promoted breast tumor growth by enhancing 

mitochondrial oxidative metabolism and resistance to autophagy (328-330). 

Interestingly, iron availability regulates directly mitochondrial biogenesis and oxidative metabolism 

(331). Indeed, both heme and ISC are essential to mitochondrial function as they enable several steps of 

the tricarboxylic acid (TCA) cycle and electron transport chain (ETC). The TCA cycle is a metabolic 

pathway through which acetyl-CoA derived from carbohydrates, lipid, or amino-acid catabolism is 

oxidized, yielding energy in the form of ATP and reduced cofactors. In humans, two reactions of the 

TCA cycle require ISC: Succinate dehydrogenase (SDH, also complex II of the ETC) and cconitase 

(ACO) (332). Deficient expression or activity of these enzymes typically denotes mitochondrial 

dysfunction that has long been linked to tumorigenesis. Aconitase catalyzes the second step of the TCA 

cycle that consists in the isomerization of citrate to iso-citrate via cis-aconitate formation. The 

conformation of aconitase changes according to the ISC and determines its enzymatic activity: Liaison 

with a [3Fe-4S] cluster is found in the inactive form, while the addition of an iron atom forming [4Fe-

4S] activates the enzyme (333, 334). This labile iron is susceptible to oxidation and removal by various 

oxidizing molecules including ROS and NOS, which inactivate the enzyme (335-337).  

Decreased mitochondrial aconitase ACO2 predicted poor prognosis in gastric and breast cancers (338). 

Conversely, induction of ACO2 promoted ROS production, hampering cancer cell proliferation (338). 

A cytosolic isoform more commonly termed Iron-Regulatory Protein 1 (IRP1) or iron-responsive 

element binding protein (IRE-BP) exerts the same catalytic function but serves as an iron-sensing, 

mRNA binding protein as discussed above (339).  

Succinate dehydrogenase (SDH) catalyzes the oxidation of succinate to fumarate that is then hydrated 

by fumarate hydratase into malate. X-ray crystallography of SDH revealed two hydrophilic subunits 

(SdhA, SdhB) and two hydrophobic, membrane anchoring subunits (SdhC and SdhD). SdhB contains 

three ISC, while SdhC and SdhD coordinate a heme prosthetic group necessary for the stability of the 

complex (340, 341). Mutations inducing SdhB loss of function or deficiency have been shown to cause 

the development of paragangliomas, pheochromocytomas, gastrointestinal and renal cancers (342-346). 

Furthermore, SdhB silencing was sufficient to induce ROS generation and metabolic switch that 

increased cancer cell proliferation and tumor growth in vivo (347, 348). Indeed, excessive levels of 

succinate (known as oncometabolite) stabilize HIF1-α and initiate tumorigenesis (349). 
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Catabolic pathways including glycolysis, tricarboxylic acid cycle and fatty acid oxidation generate 

reduced cofactors NADH and FADH2 which are oxidized by the ETC. The successive transfer of 

electrons creates a proton gradient across the inner mitochondrial membrane that drives the synthesis of 

ATP by oxidative phosphorylation of ADP. Indeed, iron is a step-limiting factor of the ETC as all four 

complexes require at least one ISC, heme or both to support the electron-transferring activity (350, 

351). Consequently, a functional ETC is essential for efficient ATP generation to sustain cell 

proliferation. Impaired ETC is widely known to cause mitochondrial ROS that activate signaling 

pathways and metabolic rewiring fostering tumorigenesis (352, 353). Nevertheless, excessive ROS also 

triggers apoptosis, hence inhibitors of ETC have emerged as anti-cancer strategy (354).  

Finally, many enzymes involved in DNA replication and repair carry at least one ISC that is essential 

for the enzymatic activity. The presence of ISC is required for functional activity of DNA polymerases, 

glycosylases, helicases as well as exonucleases (355-358). Recent findings show that lack of ISC in 

eukaryotic DNA polymerase leads to poor fidelity of replication and severe genome defects (355, 359, 

360). Furthermore, iron chelation inhibits ribonucleotide reductase (RNR) that catalyzes the reduction 

of ribonucleotide to deoxynucleotides, as well as a class of histone lysine demethylases, which enable 

gene transcription of several oncogenes (361-364). Similarly, iron is also essential for nucleotide 

catabolism. ISC is required for the activity of xanthine oxidoreductases (XOR) that catalyze the 

oxidation of hypoxanthine to xanthine and ultimately to uric acid, along with the production of 

superoxide and hydrogen peroxide. The latter contributes directly to oxidative stress by producing ROS 

and RNS, while uric acid can further trigger inflammation (365). In summary, iron availability controls 

cell proliferation by regulating DNA synthesis, repair, transcription, and catabolism.  

Free iron as an enzymatic cofactor  

Although catalytic iron is mostly complexed within heme or ISC, free iron can also directly act as a 

cofactor. A notable example is the family of prolyl/asparagyl hydroxylases, that catalyzes post-

translational hydroxylation of hypoxia-inducible factor 1α (HIF1-α), resulting in its ubiquitination and 

subsequent proteasomal degradation. Besides oxygen, this modification is in fact dependent on the 

presence of 2 oxo-glutarate as the substrate and ferrous iron (Fe
2+

) as the cofactor. The requirement of 

iron in the degradation of HIF1-α was first evidenced by the normoxic stabilization of HIF1-α upon 

deferoxamine treatment in vitro (366, 367). Once stabilized, HIF1-α translocates into the nucleus where 

it interacts with HIF1β (also known as ARNT) to bind HRE (hypoxia-response element), which then 
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initiates the transcription of multiple genes to modulate glycolysis, angiogenesis, cell proliferation, and 

migration (368). Similarly, deoxyhypusine hydroxylase (DOHH) is the enzyme catalyzing the last step 

of hypusine synthesis which relies on iron (369, 370). Hypusine is a highly conserved amino acid found 

solely in the eukaryotic translational initiation factor 5A (eIF5A). Functional DOHH is therefore 

essential to cellular viability as mature eIF5A regulates eukaryotic cell proliferation (371).  

Systemic iron alterations in cancer 

Anemia is commonly found in cancer patients, and mostly arises from chronic inflammation 

characterized by iron restriction and decreased erythropoiesis, known as the anemia of chronic disease 

or of inflammation (372). For instance, interleukin 6 (IL-6) mediates hepcidin upregulation through 

JAK-STAT pathway (373-376), while tumor necrosis factor-α (TNF-α) inhibits erythropoiesis (377). In 

vitro studies have further shown that other cytokines, such as interleukin 1-β (IL-1β), also promote 

hepcidin synthesis (378, 379). Importantly, immune cells including macrophages and neutrophils also 

secrete hepcidin through TLR-4 induction as innate immune response (380-382). Moreover, bone 

morphogenic proteins (BMPs), a class of transforming growth factor β ligands whose upregulation has 

been reported in various cancers including breast, prostate and bladder cancers, can induce hepcidin 

secretion by cancer cells (383). Consistently, circulating plasma hepcidin is typically high and 

correlates with disease stage in breast, non-small lung, urothelial, and renal cancers (384-388). 

Elevated serum ferritin has also been reported in many types of cancers including neuroblastoma, 

lymphomas, colorectal, cervical and breast cancers, and used both as a diagnostic tool and prognostic 

factor (389-394). Interestingly, excessive circulating ferritin, which modulates cancer cell metabolism 

and stimulates their proliferation, originates largely from tumor-associated-macrophages (TAM) (395).  

Cellular iron dysregulation in cancer  

An overall increased iron turnover with enhanced avidity is a salient feature of several cancers (396). 

TFR1 overexpression has been commonly observed in both cancer cells in vitro and tumor tissues, 

including glioma, leukemia, breast, ovarian, prostate, colorectal and liver cancers (397). Consequently, 

high TFR1 levels are typically associated with poor prognosis. Similarly, melanotransferrin is 

upregulated notably in melanoma tissues, and to a lesser degree in liposarcoma, breast, and lung 

cancers (398). Moreover, melanotransferrin overexpression is associated with high tumor grade and 

metastases in human colorectal cancer (399). In contrast to its homologues, lactoferrin (Lf) has been 

shown to possess anti-tumoral activity with abnormally low levels found in several cancers (400), and 
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higher levels of Lf predicted better prognosis in breast carcinoma patients (401). Lf supplementation 

decreased colon cancer progression in humans (402) and significantly improved clinical prognosis in 

colorectal cancer patients receiving chemotherapy and in breast carcinoma patients (403). Although it 

is unclear whether such tumor suppressive effects are mediated by its iron-binding role, Lf has emerged 

as a promising prognostic factor and adjuvant therapy. 

Unlike TFR1, TFR2 is mostly expressed in the liver with low affinity to Tf and is not regulated by 

IRPs in physiological conditions (285). TFR2 is commonly upregulated in human cancer cell lines as 

well (404, 405), and was shown to act as a signaling protein activating mitogen-activated protein kinase 

(MAPK) pathway in human leukemia cells (406). Other proteins involved in the uptake of iron that 

show abnormally high expression in cancers include DMT1, as well as heme importers HCP1, HRG1, 

CD91, and CD163, which are indicators of dismal prognosis (286, 407-414). Finally, a scarcely 

investigated yet noteworthy iron importer is ZIP14, whose main substrate is zinc but can also mediate 

the uptake of NTBI and intracellular release of TBI from endosomes (415).  

Lipocalin 2 (LCN2 or NGAL), is a soluble iron-binding glycoprotein expressed mainly by neutrophils 

(416). Data about its role in cancer remains controversial and varies depending on iron saturation and 

on the cancer type. Interestingly, LCN2 can either import or export iron, and consequently promotes 

proliferation or apoptosis (417-419). A clear correlation between LCN2 levels and tumor grade was 

found in in breast and thyroid cancers), whereas the opposite was suggested in ovarian and pancreatic 

cancers (420). Nevertheless, these results collectively indicate that LCN2 is also involved in 

angiogenesis and inflammation within the tumor. 

Since iron uptake is strongly enhanced, cancer cells expectedly present aberrant intracellular iron 

storage and trafficking to cope with the increased risk of iron-related oxidative stress. Reduction of 

ferric to bioactive ferrous iron by STEAP reductases is required to release endosomal TBI to the 

cytosol. Particularly, STEAP 1 and 2 are overexpressed in various human cancers and were shown to 

drive cancer cell proliferation and resistance to apoptosis (421-423). In addition to the abnormally high 

levels of circulating ferritin, some cancers exhibit alterations in both ferritin expression and 

intracellular localization. For example, glioblastoma and breast cancer cells exhibited nuclear 

expression of FTL and FTH, respectively (424, 425). Of note, FTH overexpression has been linked to 

chemotherapy (doxorubicin and cisplatin) resistance in breast and ovarian cancers (425, 426). 

Interestingly, p53 activation induced both FTH and FTL expression in human lung cancer cells (427).  
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Similarly, heme levels have also been shown to influence cancer progression. In leukemia and lung 

cancer cells, increased heme synthesis and availability fostered cell proliferation by fueling oxidative 

metabolism (428-430). Other studies have demonstrated that heme inhibit p53 (431), and induces c-

Myc (432). Interestingly, heme was shown to interfere directly with p53 gene expression while 

triggering the proteosomal degradation of p53 protein (431). Nevertheless, the effect of heme 

degradation by HO1 in cancer cells has been controversial; some found that HO1 deficiency led to 

defective DNA, carcinogenesis, and resistance to ferroptosis (discussed hereafter), other data indicated 

that HO1 promotes antioxidant potential and cancer growth (433, 434).  

Despite sharing almost identical roles, IRPs show rather distinct patterns in tumors. Downregulation of 

IRP1 was found in hepatocellular carcinoma and predicted tumor stage and prognosis (407), and IRP1 

overexpression in human non-small cell lung carcinoma cells suppressed tumor growth in mice (435). 

In contrast, colorectal tumors showed IRP2 overexpression that is associated with BRAF mutations and 

MAPK activation (436). In prostate cancer, apoptosis induction was observed after knockdown of IRP2, 

but not IRP1, in prostate cancer cell lines (437). Although both IRPs are increased expression in breast 

cancer cells compared to non-malignant mammary epithelial cells, only IRP2 knockdown led to 

decreased tumor growth in vivo. Moreover, IRP2 expression correlated with histological grade and 

molecular subtype of human breast cancer. (438).  

In cancer cells, other notable regulators of cellular iron metabolism include hypoxia-inducible factor 1α 

(HIF1-α), the proto-oncogene c-Myc and nuclear factor erythroid 2-related factor 2 (NRF2). In 

oxidative stress or iron overload conditions, NRF2 induces FTH, FTL, ferroportin, and heme 

oxygenase transcription to prevent excessive ROS formation promoted by iron availability (439). 

Constitutive activation of NRF2 has been consistently found in various cancer types and linked to poor 

prognosis (440, 441). However, due to its pleiotropic effects, whether cancer progression promoted by 

NRF2 is iron-dependent or not has not been clear. In B-cell lymphoma cells, c-Myc activates the 

transcription of TFR1 and DMT1 and repress the one of FTH and FTL to increase the labile iron pool 

(442). Similarly, hypoxia induces TFR1, DMT1 and hepcidin transcription through stabilization HIF1-

α, leading to increased intracellular iron content (375, 443, 444). In line with elevated hepcidin levels, 

decreased iron export is also a feature of several cancers (445-448). In breast and pancreatic cancers, 

low FPN expression is associated with worse prognosis, while higher FPN expression in breast cancer 

patients corresponded to a cohort of patients presenting very high progression-free survival (448). 
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Likewise, FPN was downregulated in multiple myeloma cells isolated from patients compared to 

plasma cells from healthy donors and correlated with negative clinical outcomes (449). In several cell 

lines of prostate cancer, low FPN expression resulting from hepcidin upregulation was shown to 

promote proliferation, migration, and resistance to apoptosis (450). Interestingly, human colorectal 

tumors were reported to upregulate FPN, but histological analysis revealed aberrant cytoplasmic 

localization of the transporter, hence non-functional FPN (451). In summary, cancer cells commonly 

display increased iron import and decreased export, while how they cope with the increased labile iron 

depends on the stage and type of cancer.  

Iron-induced oxidative stress and ferroptosis 

Ferroptosis is an iron-dependent form of regulated cell death that results from excessive lipid 

peroxidation (452). The process depends essentially on labile iron which participates directly to radical 

generating reactions, notably Fenton’s reaction, in which ferrous iron reacts with hydrogen peroxide to 

yield the hydroxyl radical (Fe
2+

 + H2O2 → Fe
3+

 + OH
·
 + OH

−
). ROS then trigger sequential 

peroxidation of unsaturated fatty acids particularly in the cell membrane. The build-up of oxidized 

lipids ultimately leads to cell death (453). Indeed, cells are equipped with anti-oxidant enzymes that 

neutralize lipid ROS to prevent further oxidative damage, notably glutathione peroxidase 4 (GPX4) 

(454). Beside iron chelators, lipophilic antioxidants including vitamin E (455), Ferrostatin-1 (456), and 

coenzyme Q10 (CoQ10, also known as ubiquinone) (457) have also been shown to prevent ferroptosis. 

In contrast, ferroptosis is inducible in vitro by inhibiting GPX4 or by raising intracellular iron levels 

and ROS. Consequently, the expression levels of iron-regulating proteins such as TFR1, FPN or FT 

determine the sensitivity of cancer cells to ferroptosis (458, 459). Recent studies have found that cancer 

cells in a mesenchymal state are more sensitive to GPX4 inhibitors, hence prone to ferroptosis (460, 

461). The efficacy of ferroptosis induction in reducing cell proliferation and tumor growth in vivo 

either alone or in association with standard chemotherapy has been validated recently (462, 463). 

Although the role of ferroptosis in physiological conditions remains largely unknown, these studies 

underscore the promising clinical prospect of ferroptosis inducers as anticancer therapies. 

Iron in the tumor environment  

A hallmark of malignant cells is the ability to reshape the environment where they reside, especially by 

inducing angiogenesis, remodeling the extracellular matrix, and evading host to sustain their growth 

(464). Notably, polarization of tumor-associated macrophages (TAM) determines their iron metabolism 
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(465): Pro-inflammatory, anti-tumoral M1-like TAM upregulate FT levels while downregulating FPN, 

leading to an iron-sequestering phenotype (466). Interestingly, iron loading in macrophages correlated 

with improved survival in lung cancer patients (467). In contrast, anti-inflammatory, pro-tumoral M2-

like TAM release iron to support tumor growth (468). Noteworthy, besides FPN, M2-TAM can also 

secrete iron-containing LCN2 in the tumor microenvironment (469). Moreover, TAM can directly 

contribute to tumor growth by feeding iron to cancer cells, or indirectly by fostering angiogenesis. For 

instance, LCN2 expression in TAM promoted lymphangiogenesis and metastasis in a murine breast 

cancer model (470). However, the effect of iron on angiogenesis seems different according to the dose. 

While iron supplementation inhibited VEGF (Vascular endothelial growth factor) signaling in 

endothelial cells and reduced lung carcinoma vascularization (471), LCN2 supplementation resulted in 

ROS accumulation and increased brain endothelial cell migration which was reversible upon iron 

chelation (472). Hence, it appears that low dose of iron inhibits angiogenesis whereas high dose 

promotes oxidative stress that is widely recognized as pro-angiogenic (473).  

Direct effects of iron on multistep tumorigenesis 

Accumulating studies have identified iron as a relevant promoter of tumorigenesis in different aspects, 

including genetic and epigenetic changes, tumor initiation, cell motility and invasiveness. Repeated 

administration of iron in rats led to high incidence of renal cell carcinoma associated with large-scale 

genomic modifications (474). Similarly, iron supplementation induced hypomethylation of oncogenes 

involved in PI3K/AKT, MAPK/ERK and RAP1/RAS pathways in colonocytes (475). In vitro, 

treatment with iron triggered increased migration and invasion via ROS production in human lung 

carcinoma and melanoma cells (476). Treatment of colon cancer cells with ferric chloride induced an 

aggressive, mesenchymal phenotype with loss of intercellular adhesion by E-cadherin (477). Moreover, 

DFO reduced histone demethylases in human breast cancer cells and raised their sensitivity to 

chemotherapies in vitro (478). In line with these findings, iron deprivation in vitro by iron chelators led 

to cell cycle inhibition and apoptosis of human colon, liver, breast cancers, and neuroblastoma, notably 

though activation of p53 and cyclin-dependent kinases (431, 479, 480). High-throughput screening 

further identified iron chelators DFO, deferasirox and ciclopirox as inhibitors of Wnt/β-catenin 

signaling, which is pivotal to cancer initiation and maintenance (481). However, DFO-induced iron 

deficiency also led to normoxic stabilization of HIF1-α and epithelial-to-mesenchymal transition (EMT) 

in colorectal cancer cells (482). These findings highlight the multiple facets of iron as a peculiar 

metabolic cofactor, signaling element, as well as catalyst of oxidative stress.  
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Background and aims of the study 

Iron deficiency and anemia are very common comorbidities in cancer patients. Especially in pancreatic, 

colorectal and lung cancer patients, roughly half present iron deficiency and/or anemia (Fig. 10), which 

has been linked to asthenia (fatigue and weakness). Noteworthy, these cancer types are also the most 

associated with cachexia (Fig. 2). However, whether one condition influences the other remains unclear. 

In this study, we mainly aim at understanding whether and how: 

1. Cancer affects iron metabolism in the skeletal muscle 

2. Iron availability regulates muscle mass and function 

3. Iron metabolism in the muscle can influence tumor progression 

 

 

 

Figure 10. Prevalence of iron deficiency and anemia in patients according to the cancer type (483)  

Up to 60% patients diagnosed with pancreatic, colorectal, and lung cancers also present iron deficiency 

and/or anemia. These are also the cancer types with the highest prevalence of cachexia. 
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Results 

Cancer induces altered iron metabolism in the skeletal muscle 

Although iron deficiency is highly prevalent in cancer patients and has been associated with advanced 

stage and poor prognosis (483), iron metabolism in the skeletal muscle during cancer cachexia has not 

been investigated. First, we modeled cancer cachexia in mice by inoculating C26-colon cancer cells in 

Balb/C mice, which led to significant reduction in hematocrit, total body weight and muscle weight 

within two weeks (Fig. 11A-C). During iron deficiency, cells normally increase iron import through 

TFR1 to maintain homeostasis (484).  Strikingly, cachectic mice showed a drastic reduction of TFR1 

levels in both transcript and protein levels in the skeletal muscle (Fig. 11D-E). We furthermore found 

an upregulation of ferritin (FT) (Fig. 11F-G), which serves as a cytosolic storage protein for iron, while 

ferroportin (FPN) protein expression is downregulated despite the upregulated mRNA levels (Fig. 

11H-I). However, in other organs such as the liver, we observed no change in TFR1 or FPN (Fig. 11J-

K). These data indicate that iron metabolism is strongly perturbed in the skeletal muscle during cancer 

progression. 
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Figure 11. Altered iron metabolism in the skeletal muscle is a feature of cancer-induced cachexia  
(A) Hematocrit of mice 12 days after C26-injection (n=3-6) 

(B) Body weight evolution in percentage of initial weight (n=6-7) 

(C) Gastrocnemius weight normalized to tibial length in mice 12 days post C26-injection (n=14-15). 

(D-E) Transferrin receptor 1 (TFR1) mRNA levels normalized to 18s (D) and representative immunoblot 

depicting TFR1 protein expression with corresponding densitometric quantification (E) in mouse gastrocnemius 

(n=6-7).  

(F-G) Ferritin light (FTL) mRNA levels normalized to 18s (F), representative immunoblot depicting FTH/L 

protein expression with corresponding densitometric quantification (G) in mouse gastrocnemius (n=4).  

(H-I) Ferroportin (FPN) mRNA levels normalized to 18s (H), representative immunoblot depicting FPN protein 

expression with corresponding densitometric quantification (I) in mouse gastrocnemius (n=4).  

(J-K) TFR1 (J) or FPN (K) mRNA levels normalized to 18s in the liver of C26-tumor bearing mice (n=5) 

Statistical significance was calculated by two-way Anova (B) or unpaired, two-tailed Student’s T-test. 

Significance was defined as *:p<0.05, **:p<0.01  and ***:p<0.001 compared to control. 
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Cachectic muscles show impaired iron regulation and abnormal compartmentalization 

Next, we assessed the activity of cytosolic aconitase (which reflects inversely the fraction of IRP1) in 

the skeletal muscle of tumor-bearing mice and found a strong decrease (Fig. 12A). Consistently, IRP2 

was overexpressed (Fig. 12B), indicating altogether an intracellular iron deficiency.  These findings 

raised a conundrum as IRP activity should upregulate TFR and downregulate FT through post-

transcriptional regulation. To elucidate such discrepancy, we checked the oxidative status in the 

skeletal muscle of tumor bearing mice since it has been reported that oxidative stress can repress IRP 

function (485). We found that tumor-bearing mice display higher levels of protein carbonylation, 

indicative of oxidative stress (Fig. 12C). Furthermore, through RNA electrophoretic mobility shift 

assay (REMSA), we observed a lower RNA-binding activity to the IRE site of ferritin in cachectic 

muscle in native conditions without EDTA/DTT (Fig. 12D). Intriguingly, the opposite pattern was 

evidenced by performing the assay in reducing condition, suggesting an oxidative damage of IRP 

function (Fig. 12D-E). In line with the loss of IRP function and increased ferritin, intracellular protein-

bound iron is strongly increased despite no change in total iron content in the skeletal muscle of tumor 

bearing mice (Fig. 12F-G). Finally, given that mitochondria are the main consumers of iron, we 

specifically measured the iron content in mitochondrial extracts and found a significant decrease in C26 

tumor-bearing mice (Fig. 12H). This observation was coupled to upregulated transcripts of mitoferrin 2 

(MFRN2, mitochondrial iron importer) and aminolevulinate synthase 2 (ALAS2, which catalyzes the 

first step of heme synthesis in the mitochondria) (Fig. 12I-J).   
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Fig 12. Impaired iron sensing underlies aberrant iron compartmentalization characterized by 

decreased loading in the mitochondria 
(A) Cytosolic aconitase activity in the gastrocnemius of C26-tumor bearing mice (n=4) 

(B) Representative immunoblot showing IRP2 expression in mouse gastrocnemius and respective densitometric 

quantification (n=5). 

(C) Representative oxyblot depicting protein carbonylation in mouse quadriceps and respective densitometric 

quantification (n=5-7) 

(D) Binding activity of IRPs to the ferritin iron-regulatory element (IRE) in the cytosolic gastrocnemius extracts 

from mice, under native or reducing conditions (n=3).  

(E) Simplified schematic representation of the working hypothesis on IRP-dependent iron regulation. 

(F-H) Relative iron content quantified by ICP-MS of total (I), protein-bound (J) or mitochondrial iron 

normalized to protein content of the sample in mouse quadriceps (n=4-8). 

(I-J) Mitoferrin 2 (H) or aminolevulinic acid synthase 2 (J) mRNA levels normalized to 18s in the 

gastrocnemius of C26-tumor bearing mice (n=4-5). 

Statistical significance was calculated by unpaired, two-tailed Student’s T-test. Significance was defined as 

*:p<0.05 and **:p<0.01 compared to control. 
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Iron deficiency causes skeletal muscle atrophy 

To induce the phenotype of low intracellular iron availability observed in vivo without other 

cofounding systemic factors, we silenced TFR1 in C2C12 myotube with interfering RNAs, which led 

to significant myotube atrophy (Fig. 13A). Similarly, blocking intracellular iron mobilization by 

silencing NCOA4 (a cytoplasmic protein that mediates autophagic degradation of ferritin (486)), also 

induced myotube atrophy (Fig 13B). The same effect could be obtained by treatment with iron 

chelators, such as deferoxamine (DFO), bathophenanthroline disulfonic acid (BPS, a cell membrane-

impermeable chelator), or apo-transferrin (apo-Tf, which reduces TFR1-mediated iron uptake) (Fig. 

13C). All these treatments expectedly reduced labile iron pool in vitro (Fig. 13D). Notably, iron 

deprivation in C2C12 myotubes by DFO significantly increased REDD1 transcript levels and reduced 

S6 phosphorylation, suggesting an overall inhibited protein synthesis (Fig. 13E-F).  

To confirm these findings in vivo, we also checked whether iron deficiency impacts muscle mass in 

mice by several means. In line with our in vitro data, electroporation of tibialis anterior with TFR1-

silencing plasmid (shTFR-pGFP) in healthy mice led to significant reduction of cross-sectional area of 

the positive myofibers (Fig. 13G). Furthermore, iron-deficiency (ID) anemia resulted from phlebotomy 

and iron-deficient diet also led to significant muscle weight loss associated with TFR1 downregulation 

(Fig. 13H-J), whereas the hepatic TFR1 was induced (Fig. 13K). These findings corroborate with the 

observations made in cancer-induced cachexia models and indicate altogether that iron deficiency is 

sufficient to induce muscle wasting.  
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Figure 13. Iron deprivation triggers atrophy both in vitro and in vivo 
(A-B) Myotube diameter measured 72h after knockdown of TFR1 (H) or NCOA4 (I) with immunoblot depicting 

the corresponding expression (n=7 and n=3 respectively). 

(C-D) Myotube diameter (C) and labile iron pool (D) of C2C12 myotubes after 48h treatment with 

Deferoxamine 100µM (DFO), bathophenanthroline disulfonate 100µM (BPS), or apo-transferrin (Apo-Tf) 

(E) REDD1 mRNA levels in C2C12 myotubes treated with DFO for 24h (n=4). 

(F) Representative immunoblot of p70, S6, the respective phosphorylation (left) and quantitative analysis of p-

S6 normalized to total S6 (right) in C2C12 myotubes treated with DFO for one hour (n=7). 

(G) Representative picture of a tibialis anterior electroporated with shTFR1-pGFP (left, scale bar =50µm) and 

average cross-sectional area of myofibers (right) transfected with shSCR (scramble) or shTFR1 (n=3-4). 

(H-K) Hematocrit (H), gastrocnemius weight (I), TFR1 transcript levels in the gastrocnemius (J) and liver (K) of 

mice following iron deprivation (ID) induced by phlebotomy and iron deficient diet (n=5-8).   

Statistical significance was calculated by unpaired, two-tailed Student’s T-test (A-B and E-K) or one-way Anova 

with Bonferroni’s correction (C-D). Significance was defined as *:p<0.05, **:p<0.01 and ***:p<0.001 

compared to control.  
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Iron promotes hypertrophy  

We next speculated that increasing iron availability can positively regulate muscle mass. Intriguingly, 

electroporation of tibialis anterior with TFR1-overexpressing plasmid (TFR-pHuji) in healthy mice 

induced myofiber hypertrophy (Fig. 14A). Likewise, iron ionophore hinokitiol (HNK, that mediates 

transmembrane iron uptake independently of TFR1 expression) completely reverted atrophy induced 

by TFR1 silencing in vitro without affecting its levels (Fig. 14B). We then asked whether 

normalization of iron levels could counteract conditioned medium-induced atrophy. While C26-

conditioned medium (CM) induced significant myotube diameter reduction as expected, co-treatment 

of conditioned medium with hinokitiol prevented atrophy (Fig. 14C). To confirm that iron directly 

mediates myotube size modulation, we supplemented CM-treated myotube with low dose of iron citrate 

(250nM). Consistently, iron supplementation also prevented atrophy as observed with hinokitiol (Fig. 

14D).  

Furthermore, LLC-conditioned medium (LLC-CM) or activin A (ActA)-induced atrophy was also 

prevented by iron citrate (Fig. 14E-F), suggesting that iron metabolism might be altered also in other 

cancer models of cachexia. Noteworthy, to clarify the potential effects on myogenesis, myotube size 

was monitored before and after treatments. While untreated myotubes showed a steady increase in size 

over time, C26-CM reduced myotube size that could be remarkably counteracted by iron 

supplementation (Fig. 14G). In addition, we found that C26-CM and iron did not affect myonuclear 

turnover (Fig. 14H), demonstrating altogether that normalizing iron levels prevents or even rescue 

atrophy without influencing myogenesis at least in vitro.  
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Figure 14. Increased iron availability favors hypertrophy in vitro and in vivo 

(A) Representative picture (left, scale bar =50µm) and cross-sectional area (right) of tibialis anterior fibers 

transfected with TFR1-pHuji (n=4).  

(B) Simplified scheme of hinokitiol-mediated iron uptake (left, from Grillo et al., Science 2017). Myotube 

diameter and TFR1 expression levels (right) after 24h 5µM hinokitiol (HNK, 5µM) treatment following TFR1 

silencing (n=5-8). 

(C-D) Myotube diameter following 10% C26-CM and 5µM hinokitiol (C) or 250nM iron citrate (D) treatment 

for 48h (n=4-7).  

(E-F) Myotube diameter following co-treatment of iron citrate with 10% LLC-CM (E) or 1nM activin A (ActA, 

F) (n=4).  

(G) Myotube diameter following 48h treatment of C26-CM and iron citrate, normalized to day 0 values (n=5-6).   

(H) Fusion index of C2C12 myotubes after 48h treatment with C26-CM and iron citrate (n=7-8). 

Statistical significance was calculated by unpaired, two-tailed Student’s T-test (A), or one-way Anova with 

Bonferroni’s correction (B-H). Significance was defined as *:p<0.05, ***:p<0.001 compared to control and 

###:p<0.001 compared to treated (esiTFR or CM) condition. 
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Iron supplementation refuels mitochondrial iron and restores energy metabolism 

In most cells, the mitochondria take up a considerable amount of iron to produce ISCs and heme that 

serve as cofactors for several enzymes involved in mitochondrial oxidative metabolism, which is 

typically impaired in skeletal muscle atrophy (487). Therefore, we postulated that iron supplementation 

could enhance mitochondrial function. Using the Seahorse analyzer, we assessed mitochondrial 

oxidative metabolism in C2C12 myotubes treated with C26-CM. Co-treatment with ferric citrate 

considerably prevented the drop in mitochondrial oxidative metabolism induced by C26-CM, notably 

basal and ATP-linked oxygen consumption rates (OCR) (Fig. 15A-D). We further found that iron fails 

to rescue myotube atrophy induced by low dose rotenone, an inhibitor of complex 1 of the electron 

transport chain (Fig. 15E). These findings indicate altogether that the protective effects of iron are 

mediated by increased mitochondrial function in vitro.  

 

Figure 15. Iron enhances mitochondrial function in cancer-induced myotube atrophy 
(A-D) Profile of oxygen consumption rate OCR (A) which summarizes the basal OCR (B), maximal OCR 

capacity (C) and OCR resulting from mitochondrial ATP production (D) in C2C12-myotubes after 48h treatment 

with C26 CM and iron citrate (Fe). Data normalized to protein content (n=4-5). 

(E) Myotube diameter following 20nM rotenone (Rot) and iron citrate treatment (Fe) (n=3). Statistical 

significance was calculated by one-way Anova with Bonferroni’s correction. Significance was defined as 

***:p<0.001 compared to control and ###:p<0.001 compared to treated (C26CM or Rot) condition. 
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Iron supplementation prevents cancer-induced muscle wasting in vivo  

Since we saw that iron levels significantly affect myotube size in vitro and muscle mass in vivo 

prompted us to ascertain whether iron supplementation is beneficial in cancer cachexia. C26-tumor-

bearing mice were treated intravenously with ferric carboxymaltose (FeCM) every 5 days post-C26 

injection. Remarkably, repeated intravenous injection of iron resulted in healthier (smooth fur, no 

orbital discharge, no humpback) and more physically active mice that survived far beyond the usually 

fatal two weeks (Fig. 16A-B). For the sake of consistency, experimental comparison between treated 

and untreated tumor-bearing mice were performed on samples obtained on day 12 post-C26 injection.  

Consistently, iron supplementation conferred significant protection against the loss of strength in 

tumor-bearing mice (Fig. 16C), that finally preserved total body and muscle weight (Fig. 16D-E). 

Coherently, histological analysis of cross-sectional area (CSA) distribution showed a shift towards 

higher frequency in larger myofiber CSA in FeCM-treated compared to untreated mice, especially for 

fast-twitch fibers (Fig. 16F-G). These findings were further validated by mitigated induction of 

Atrogin-1, MuRF1, and REDD1 mRNA levels, which encode for ubiquitin ligases and a mTOR-

inhibiting protein, respectively (Fig. 16H-J).  
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Figure 16. Iron supplementation prevents cancer-induced cachexia in tumor-bearing mice 
(A) Representative images of C26-tumor bearing mice receiving saline solution (left, C26) or iron 

carboxymaltose 15mg/kg I.V. injection (right, C26 + FeCM) taken at day 12 after C26 injection.  

(B) Kaplan-Meier survival curve of C26-tumor bearing mice after I.V. injection of saline or iron every 5 days 

post C26-injection (3-month-old Balb/C, n=8-11).  

(C) Grip strength of mice measured at day 12 post C26 injection. Healthy mice were treated with vehicle (CTR) 

or iron carboxymaltose (FeCM). Data normalized to average strength of the control group (n=5-9).   

(D) Final body weight of C26-tumor bearing mice after iron supplementation at day 12 post C26 injection (n=5-

12).  

(E) Gastrocnemius weight normalized to tibial length of C26-tumor bearing mice after iron supplementation at 

day 12 post C26 injection (n=5-12).  

(F-G) Immunofluorescent staining of myosin heavy chain fast (green) and slow (red) of transversal sections of 

gastrocnemius (midbelly) with corresponding frequency distribution (F) and average cross-sectional areas (G) 

(n=3-5).  

(H-J) mRNA levels of Murf 1 (H), Atrogin 1 (I), and REDD1 (J) normalized to GAPDH in gastrocnemius (n=5-

14).  

Statistical significance was calculated by one-way Anova with Bonferroni’s correction, or chi-square test for the 

survival curves (B). Significance was defined as *:p<0.05, ***:p<0.001 compared to control and #:p<0.05, 

##:p<0.01 and ###:p<0.001 compared to C26 group. 
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Iron supplementation does not modulate tumor growth in C26-tumor bearing mice 

Importantly, C26 tumor growth was unchanged following FeCM injection in mice (Fig. 17A), ruling 

out that the improvement of muscle function and mass following FeCM injection in C26-tumor bearing 

mice could be due to reduced tumor burden. Indeed, despite increased iron content (Fig. 17B), tumors 

extracted from iron-treated mice showed decreased TFR1, increased FPN and FT expression, indicating 

a normal physiological response to increased iron levels (Fig. 17C). 

 

 

 

Figure 17. Iron supplementation does not alter tumor growth in mice 
(A) Final weight of total tumor mass extracted from mice after sacrifice (12 days after C26-injection, n= 17). 

(B) Total iron content in C26-tumors quantified by ICP-MS and normalized to protein content (n=4).  

(C) Representative immunoblots showing the expression of iron trafficking proteins (TFR1, FPN, and FT) in 

C26-tumors (n=4).  

Statistical significance was calculated by unpaired, two-tailed Student’s T-test. Significance was defined as 

*:p<0.05 compared to C26 group. 
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Iron supplementation does not affect inflammation nor anemia in cachexia 

Since cancer-induced cachexia is largely driven by inflammation, we checked how iron 

supplementation affects the inflammatory state of cachexia. In the skeletal muscle, we found no 

significant difference in IL-6 or IL-1β levels after iron treatment in tumor-bearing mice (Fig. 18A-B). 

Indeed, systemic inflammation can also lead to anemia through several mechanisms, and anemia has 

been associated with muscle weakness. Consistent with the unchanged inflammation, we found that 

iron supplementation does not rescue anemia in tumor-bearing mice (Fig. 18C). Therefore, the 

improved strength and overall health in mice receiving iron treatment does not result from changes in 

inflammation or hematocrit.  

 

Figure 18. Inflammation and anemia remain in tumor bearing mice after iron supplementation  
(A-B) Interleukin 6 (A) and interleukin 1 beta (B) mRNA levels in mouse gastrocnemius (n=3-4). 

(C) Hematocrit in healthy or tumor-bearing mice, treated with vehicle or iron carboxymaltose 12 days after C26-

injection (n=3). 

Statistical significance was calculated by one-way Anova with Bonferroni’s correction. Significance was defined 

as *:p<0.05 compared to control. 
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Mitochondrial iron repletion refuels oxidative metabolism in vivo 

Since we previously evidenced a decrease in mitochondrial iron levels in vivo and enhanced oxidative 

metabolism upon iron supplementation in vitro, we postulated that mitochondrial iron levels 

specifically control muscle mass in vivo. 

First, we verified that mitochondrial iron stores are replete in tumor-bearing mice that received iron 

injections (Fig. 19A). Given that iron is required for the activity of several enzymes involved in the 

TCA cycle and mitochondrial oxidative metabolism (OXPHOS) (351), we assessed the enzymatic 

activity of two iron-sulfur proteins, aconitase (ACO) and succinate dehydrogenase (SDH). Coherent 

with the mitochondrial iron levels, we observed a drop in the activity of both enzymes in the skeletal 

muscle of tumor-bearing mice, which could be counteracted by iron supplementation (Fig. 19B-C). 

Along with these alterations, we observed a drop in mitochondrial ATP (Fig. 19D) and increased 

AMPK phosphorylation, denoting energy shortage in cachectic muscles (488) (Fig. 19E), that were 

also reverted upon iron supplementation. Indeed, AMPK activation can cause fatty acid oxidation 

(FAO), which has been shown to promote muscle wasting (489). Consistently, iron supplementation 

abrogated the induction of FAO genes by cancer cachexia, namely ACOT1 (Acyl-CoA Thioesterase 1), 

MCD (Malonyl-CoA decarboxylase), and CPT1b (Carnitine Palmitoyltransferase 1b) (Fig. 19F-H). 
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Figure 19. Mitochondrial iron repletion enhances oxidative metabolism 
(A) Mitochondrial iron quantified by ICP-MS in quadriceps of C26-tumor bearing mice treated with vehicle or 

iron carboxymaltose supplementation (n=7-8).  

(B) Aconitase activity of quadriceps lysates normalized to protein content (n=4-6).  

(C) Succinate Dehydrogenase activity staining of gastrocnemius transversal sections and resulting intensity 

quantification (n=3-7).  

(D) Mitochondrial ATP content determined by luminescence assay in the quadriceps (n=3-9).  

(E) Representative immunoblot and densitometric quantification of phospho-AMPK and total AMPK in the 

gastrocnemius (n=6).  

(F-H) mRNA levels of ACOT 1 (F), MCD (G), and CPT1B (H) normalized to GAPDH in the gastrocnemius 

(n=5-10).  Statistical significance was calculated by unpaired, two-tailed Student’s T-test (A) or one-way Anova 

with Bonferroni’s correction (B-H). Significance was defined as *:p<0.05, **:p<0.01 and ***:p<0.001 

compared to control and #:p<0.05, ##:p<0.01 and ###:p<0.001 compared to C26 group. 
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Cancer patients show increased strength following iron treatment 

Based on the promising outcome obtained from our in vivo model of cachexia, we further assessed 

TFR1 transcript levels in the skeletal muscle (precisely rectus abdominis) of colorectal or pancreatic 

cancer patients presenting anemia and significant body weight loss (Fig. 20A-B). In line with our 

murine models, biopsies from cachectic patients showed considerably lower TFR1 levels (Fig. 20C). 

Next, we measured the grip force of a small cohort of anemic cancer patients who reported muscle 

weakness, before and after FeCM injection. Improved strength was found in most patients in the 

dominant hand (Fig. 20D-F) within as short as three days. Altogether, these findings indicate that 

altered iron metabolism contributes to muscle weakness in cachectic patients and highlight a promising 

therapeutic strategy to counteract skeletal muscle wasting using a clinically available drug.  

 

 
Figure 20. Iron supplementation increases force in cancer patients 
(A-B) Hemoglobin (A) and hematocrit (B) levels of healthy subjects and cachectic cancer patients presenting a 

body weight loss superior to 10% of initial body weight (19 healthy subjects, 17 cachectic patients).  

(C) TFR1 mRNA levels in muscle biopsies from cancer-patients of late stage cachexia (19 healthy subjects, 17 

cachectic patients with at least 10% total body weight loss) 

(D-E) Grip force of dominant or non-dominant arm in iron-deficient cancer patients expressed in percentage of 

baseline force (D) and absolute values normalized to height (E) before and after single dose of iron 

carboxymaltose (15mg/kg, 7 subjects).  

Statistical significance was calculated by Mann-Whitney U-test. Significance was defined as *:p<0.05 compared 

to healthy patients (A-C) or basal conditions (D-E). 
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Cancer reduces heme content of the skeletal muscle 

We next asked whether the skeletal muscle could mobilize iron towards the circulation through other 

mechanism than ferroportin during cancer progression. In particular, the skeletal muscle is highly 

enriched in heme due to the expression of myoglobin, which is responsible for the intracellular storage 

and transport of oxygen. Intriguingly, we found a significant decrease in heme levels in the skeletal 

muscle of C26 tumor-bearing mice (Fig. 21A). Furthermore, the cytoplasmic heme exporter FLVCR1a 

is significantly upregulated in the skeletal muscle of C26-tumor bearing mice (Fig. 21B), indicating 

altogether a mobilization of heme from the skeletal muscle to the systemic route. Notably, this 

phenotype was also observed to a lesser degree in LLC-tumor bearing mice (Fig. 21C-D). 

 

 

 

Figure 21. Heme is potentially released from the skeletal muscle during cancer progression 
(A-B) Heme content (A) and FLVCR1a mRNA levels normalized to 18s (B) in the gastrocnemius of C26 tumor-

bearing mice (n=4-6).  

(C-D) Heme content (C) and FLVCR1a mRNA levels normalized to 18s (D) in the gastrocnemius of LLC 

tumor-bearing mice (n=3-5).  

Statistical significance was calculated by unpaired, two-tailed Student’s T-test. Significance was defined as 

*:p<0.05 and **:p<0.01 compared to control group. 
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Muscle-specific FLVCR1a knockout mice do not display overt anomaly  

To understand the relevance of increased heme export through FLVCR1a from the skeletal muscle 

during cancer progression, myoD-Cre with FLVCR1a 
fl/fl

 mice were crossed to generate constitutive, 

skeletal muscle-specific FLVCR1a knockout C57 BL/6 mice (Fig. 22A). Interestingly, the knockout 

did not affect intracellular heme levels, suggesting the presence of a buffering mechanism (Fig. 22B). 

Although FLVCR1a-null mice are associated with defective erythropoiesis and embryonic lethality 

(297), muscle-specific KO mice are viable and do not show altered hematocrit in adulthood (Fig. 22C). 

Similarly, no macroscopic difference in body weight, grip strength or muscle weight was detected (Fig. 

22D-F).  

 

Figure 22. Phenotypic characterization of mice with muscle FLVCR1a silencing 
(A) Schematic representation of the genetic breeding of muscle specific FLVCR1a silencing  

(B) Heme content in the quadriceps of 10-week-old mice (n=4).  

(C) Hematocrit in FLVCR1a MyoD Cre
+ 

mice (n=6-12). 

(D-F) Body weight (D), grip strength (E), and gastrocnemius weight normalized to tibial length (F) of FLVCR1a 

MyoD Cre
+ 

mice (n=4-9). Statistical significance was calculated by unpaired, two-tailed Student’s T-test. 
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Muscle-specific FLVCR1a knockout hinders tumor metastasis 

Next, to assess the impact of muscle FLVCR1a knockout on tumor progression, we used the model of 

LLC (subcutaneous injection) that has a slower kinetic in tumor growth to allow accurate monitoring, 

in addition to its metastatic potential which can provide a valuable insight into another aspect of tumor 

progression. At the end of the experiment (day 25 post-injection), we did not observe significant 

change in the evolution of body weight and tumor growth between wildtype and muscle-FLVCR1a 

knockout mice (Fig. 23A-B). As for non-tumor bearing mice, we found no difference in muscle 

strength (Fig. 23C), muscle and organ weights (Fig. 23D-H). Nevertheless, lung metastasis was 

substantially reduced, notably in terms of size in FLVCR1a knock-out mice despite consistent tumor 

growth (Fig. 23I).  
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Figure 23. Muscle-FLVCR1a silencing reduces tumor metastasis without affecting tumor growth 
(A) Evolution of body weight of LLC-tumor bearing mice (n=7-8). 

(B) Evolution of tumor growth in volume of LLC-tumor bearing mice (n=7-8). 

(C-H) Grip strength (C), quadriceps (D), gastrocnemius (E), liver (F), heart (G), and heart (H) weights 

normalized to tibial length of LLC-tumor bearing mice (n=7-8). 

(I) Representative pictures of hematoxylin/eosin-stained lungs (left), number of metastasis (middle) or metastatic 

area (right) normalized to primary tumor volume of LLC-tumor bearing mice (n=10-12).  

Statistical significance was calculated by ordinary two-way Anova (A-B) or unpaired, two-tailed Student’s T-test 

(C-I). Significance was defined as *:p<0.05 and **:p<0.01 compared to wildtype group. 
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Muscle FLVCR1a modulates the immune landscape 

Considering that heme has been shown to activate immune cells (notably macrophages) and endothelial 

cell migration (490). We hypothesized that muscle FLVCR1a expression influences tumor 

angiogenesis or immune profile of the primary tumor, thereby promoting metastasis.  Therefore, we 

performed FACS analysis of LLC primary tumors to analyze cellular composition and found no 

significant changes in myeloid-derived suppressor cells, endothelial cells, T-cells, or macrophages (Fig. 

24A-D), but a strong and consistent decrease in neutrophil count in muscle-FLVCR1a knockout mice 

(Fig. 24E). These findings require further validation but indicate that heme derived from the skeletal 

muscle can potentially fuel tumor progression through modulation of the immune system.  

 

 

 

Figure 24. Muscle-FLVCR1a decreases neutrophil infiltration in the primary tumor  
(A-E) Percentage of myeloid-derived suppressor cells (A), endothelial cells (B), T-lymphocytes (C), 

macrophages (D), and neutrophils (E) in the primary tumor measured by FACS and normalized to total cell 

count or myeloid cell count (n=3). Statistical significance was calculated by unpaired, two-tailed Student’s T-test. 

Significance was defined as **:p<0.01 compared to wildtype group. 
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Discussion 

 This work provides evidence of an iron-mediated control of muscle mass in the context of cancer 

cachexia. We show that cancer induces striking alterations of iron metabolism in the skeletal muscle, 

characterized by aberrant expression of iron-trafficking proteins that likely results from impaired iron-

regulation. Consequently, insufficient mitochondrial iron leads to metabolic dysfunction and energy 

imbalance, driving skeletal muscle wasting. We further demonstrate that muscle force and mass can be 

maintained, or even rescued by iron supplementation.  

Despite being the biggest tissue in human body, the involvement of skeletal muscle in systemic iron 

homeostasis has been overlooked. However, the skeletal muscle holds a substantial pool of iron that 

can be mobilized for instance to support erythropoiesis in healthy humans, as an adaption mechanism 

to high-altitude hypoxia (491). Since iron-deficiency and anemia are both common in cancer patients 

(483) and are associated with impaired physical function, weakness, and fatigue, we hypothesized a 

link between altered iron metabolism and muscle wasting. Surprisingly, we found that in both mice and 

humans, TFR1 is paradoxically downregulated in the skeletal muscle despite iron deficiency or anemia, 

highlighting the role of skeletal muscle as an expendable body compartment.  

Intriguingly, C26 tumor-bearing mice displayed normal total iron content, but elevated protein-bound 

iron as reflected by increased ferritin expression. We further found that tumor-bearing mice display 

IRP dysfunction due to oxidative stress, consequently leading to sequestration of cytosolic iron and 

downregulation of iron import despite iron deficiency. This phenotype matches the observations 

reported in several IRP2 knockout models (492-494). In the other hand, the discrepancy between the 

elevated FPN mRNA levels but its reduced protein expression could result from the complex regulation 

of FPN at different levels. Despite the supposedly increased translation due to IRP dysfunction, 

massive inflammation as seen in our C26-cachexia model can eventually suppress FPN protein levels 

through hepcidin overload.   

Based on the consistent findings of TFR1 downregulation in several murine models and cancer patients, 

we first silenced TFR1 in myotubes and in the skeletal muscle of healthy mice, which was sufficient to 

cause atrophy. This demonstrates an important role of iron metabolism in muscle mass homeostasis, 

and was confirmed by iron chelation through apotransferrin, DFO, or BPS treatment in vitro, or by 

subjecting mice to phlebotomy and iron-deficient diet (causing severe iron deficiency and anemia). 
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Conversely, TFR1 overexpression in the skeletal muscle resulted in hypertrophic myofibers, and iron 

replenishment proved to be protective against conditioned medium-induced atrophy. These 

observations are in line with the severe systemic metabolic dysfunction reported in muscle specific 

TFR1 knockout mice (495). To validate the beneficial effects of iron in cancer-cachexia in vivo, we 

used ferric carboxymaltose (FeCM), a clinically approved supplement (496) which can enter in cells 

independently of TFR1 expression (497). Promisingly, intravenous administrations of FeCM rescued 

body mass, muscle mass and function, and even increased the viability of tumor-bearing mice. From 

the mechanistic standpoint, our work shows that iron supplementation refuels mitochondrial function. 

Noteworthy, the upregulation of MFRN2 and ALAS2 in the skeletal muscle of tumor-bearing mice 

could be interpreted as a compensatory response to mitochondrial iron deficiency. Interestingly, 

ALAS2 overexpression has been previously linked to muscle weakness and atrophy in a transgenic 

mouse model (498).  

Indeed, iron is essential for mitochondrial function (499) as it catalyzes a myriad of bioenergetic 

processes and its deprivation impairs mitochondrial biogenesis, enhances mitophagy and leads to 

metabolic dysfunction (500-502). In other studies, mitochondrial dysfunction has been functionally 

linked to wasting in both pathological conditions and aging (223, 503, 504). In particular, cancer-

induced muscle atrophy typically features reduction of mitochondrial content and DNA copy (225, 

505). Therefore, reduced mitochondrial iron availability expectedly arises from diminished organelle 

number. However, our findings of mitochondrial iron loading and aconitase activity decrease were 

normalized to mitochondrial protein content, hence independently of mitochondrial mass or number.  

Notably, this observation is associated with decreased mitochondrial activity and increased AMPK 

phosphorylation, hence an overall increased catabolism in cachectic mice. The oxidative stress 

generated by dysfunctional mitochondria might exacerbate the abnormal iron metabolism via IRP 

inhibition, creating a vicious cycle. We found especially a drop of enzymatic activity of two major ISC 

proteins of the TCA cycle and electron transport chain: Aconitase and SDH, corroborating with the 

declined oxidative capacities and energetic inefficiency found in cachexia (506, 507). Our work 

confirms and extends studies showing that iron deficiency decreases ISC proteins, cytochrome content, 

and/or total oxidative capacity in the skeletal muscle (508-511). Furthermore, mitochondrial 

dysfunction is known to trigger catabolic pathways, notably FAO (512) that has been widely associated 

with skeletal muscle wasting (225, 513). While the induction of fatty acid catabolism genes we found is 
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in line with the findings of Fukawa et al. on human kidney cancer-induced cachexia (489), other 

models of cancer-cachexia and iron deficiency have been linked to suppressed FAO (514, 515).  Given 

the dysfunctional mitochondria in the skeletal muscle of tumor bearing mice, it is possible that the 

upregulation of FAO genes rather reflects an attempt of the skeletal muscle to buffering the energetic 

failure. 

Coherently with previous reports on cancer patients, our data supports the correlation between ferritin 

levels and muscle atrophy (516). Furthermore, we provide evidence of an altered intracellular 

distribution of the element rather than a general overload. Although our findings suggest that this 

alteration primarily results from oxidative stress-induced impairment of iron-regulatory proteins, 

antioxidant therapy (catechins, quercetin and vitamin C) has been previously reported to accelerate 

muscle wasting and death in C26-tumor bearing mice (517). Moreover, iron repletion led to increased 

muscle mass in tumor-bearing mice without counteracting the altered expression of iron-trafficking 

proteins (data not shown), implying the persistence of impaired iron-sensing, and indicates that iron 

availability directly controls muscle mass despite sustained oxidative status. Nonetheless, given the 

multifaceted roles of iron, it is not surprising that iron overload can also lead to defective autophagy 

causing muscle atrophy (518). 

Recent studies have shown that iron levels influence myogenesis (satellite cell activation and fusion) 

(519, 520). However, we found that the effect of iron on myogenesis is negligible at least in vitro, 

while it mainly modulates myotube mass through the regulation of protein turnover and metabolic 

function. This is congruent with previous work showing that iron chelation attenuates protein synthesis 

in vitro characterized by AMPK activation (521) and mTORC1 inhibition via REDD1 (522, 523). 

Coherently, the rapid rescue of muscle strength (occurring within 24h or few days) detected in tumor-

bearing mice and cancer patients following iron injection is unlikely due to increased stem cell 

differentiation or myogenesis. Similarly, this short timeframe would not allow enough time for 

erythropoiesis, and anemia consistently remained after iron supplementation in C26-tumor bearing 

mice.   

Of note, myofiber-specific TFR1 silencing is sufficient to cause atrophy in healthy mice, and cytokine 

expression within the skeletal muscle remains unchanged following iron supplementation (despite 

increased mass) in tumor-bearing mice. These data suggest altogether that the regulation of muscle 

mass by iron is unrelated to inflammation. Nevertheless, we do not exclude other systemic effects upon 
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iron repletion. For instance, iron could regulate endocrine (524), hepatic (525) and adipose tissue 

function (526), or even immune response (465), which might contribute to the increased survival. For 

example, early investigation has reported that iron deficiency attenuates hepatic gluconeogenesis in rats 

(525). Moreover, we could also conjecture that iron increases immunity as iron loading in macrophage 

was shown to improve survival in lung cancer patients (467) 

Coherently with the in vivo data, we observed an improvement of handgrip strength within few days 

after iron treatment in iron-deficient patients (hence excluding the potential involvement of 

erythropoiesis or muscle generation), while previous data on cardiac failure patients reported beneficial 

effects after long term treatment (527). Further studies will be essential to better define the impact of 

short-term iron treatment on patients, especially on blood parameters and endocrine regulation. 

Importantly, together with the fact that iron levels directly regulate muscle strength and mass, one can 

postulate that iron supplementation is potentially beneficial also in other muscle atrophy diseases 

besides cancer cachexia. 

Although iron addiction has become a general paradigm of cancer, we surprisingly observed a 

physiological response from C26-tumors characterized by reduced TFR1, increased FPN and FT levels. 

Indeed, low dose of iron treatment considerably fostered C26 cancer cell proliferation in vitro (data not 

shown), tumor growth in vivo was however unaffected despite the increased iron levels. Consistently, 

this finding was confirmed in LLC and KPC (K-rasLSL.G12D/+; p53R172H/+; PdxCre) cancer models after 3-4 

weeks of repeated iron treatment (data not shown). Several possibilities may underlie these unexpected 

observations: A significant amount of iron could be taken up by non-cancer cells of the tumor niche, 

e.g. fibroblasts, adipocytes, immune cells (especially macrophages which could then polarize to pro-

inflammatory phenotype). Second, the doubled iron loading within the tumor could possibly promote 

ferroptosis if most iron is taken up by malignant cells. Indeed, ferritin and ferroportin upregulation by 

the tumor can indicate excessive iron but also oxidative stress. Histological studies of the tumor or iron 

quantification following cell-sorting should elucidate better the fate of iron within the tumor. Our data 

corroborates with the longer survival observed in C26-tumor bearing mice upon prevention of muscle 

atrophy but not tumor growth by ActRIIB antagonism (193). Altogether, these findings highlight that 

cancer and cachexia are two dissociable conditions, and further supports iron supplementation as a 

therapeutic option in the treatment of cancer-induced cachexia. Yet, this strategy should be validated in 

other cancer models as some cancer types feature more addiction for iron than others. 
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Noteworthy, our in vitro data from myotubes do not fully recapitulate the ones in vivo. The relevance 

of TFR1 in CM-induced atrophy is less clear in vitro as we did not observe changes in TFR1 levels 

upon treatment with conditioned medium at the time of analysis (48h, data not shown). Since we expect 

that the drop in TFR1 expression in cancer cachexia results mainly from oxidative-stress induced IRP 

impairment, we could speculate that 48h of CM treatment induces only mild oxidative stress in vitro. 

Consequently, the levels of iron trafficking proteins are maintained at homeostasis.                      

Further investigation should unravel the mechanism through which C26-CM eventually causes lower 

intracellular availability in vitro.  

Besides the metabolic alteration of iron in the skeletal muscle, this work further demonstrates its 

crosstalk with the tumor through the release of heme. The trigger of heme export from the skeletal 

muscle and the potential causative relationship in muscle wasting warrant further investigation. 

Interestingly, circulating heme was previously found to compromise host tolerance to infection by 

accelerating severe sepsis irrespective of pathogen load in mice (528). Elevated plasma heme levels 

were also found in prostate cancer patients (432). However, the contribution of skeletal muscle to 

systemic heme homeostasis has not been studied up to date. 

Unexpectedly, we did not observe heme accumulation in FLVCR1a-silenced skeletal muscle. This 

observation suggests the presence of a compensatory mechanism to maintain intracellular heme levels, 

e.g. decreased heme synthesis and/or increased degradation. In the latter case, pro-inflammatory heme 

is broken down to carbon monoxide and biliverdin, two signaling molecules with potent anti-

inflammatory properties (268). Moreover, FLVCR1a has been shown to regulate cellular oxidative 

metabolism (529). Its alteration can hence result in substantial metabolic changes. Metabolomic 

analysis of the skeletal muscle and serum will clarify whether the effects observed are directly caused 

by the inhibition of heme export (hence reduced circulating heme levels), or eventually by other 

metabolites resulting from metabolic rewiring of the skeletal muscle. 

As for iron, heme avidity has been largely acknowledged as a feature of cancers. Nevertheless, heme 

can also activate innate immune cells and promote inflammation by increasing vascular permeability, 

leukocyte migration and acute-phase protein secretion (530, 531). Notably, heme can directly induce 

neutrophils migration as a chemotactic molecule, or through leukotriene B4 secretion by macrophages 

(532, 533). Therefore, the effects of heme are highly variable according to the context. Unrelated to 

heme, several lines of evidence support the role of neutrophils in the multistep metastatic process of 
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cancer cell, including migration, invasion, and intra/extravasation (534).  Importantly, neutrophils were 

found to infiltrate lungs before metastatic spread in a murine model of breast cancer, and neutrophil-

derived leukotrienes promoted the expansion of cancer cells with high tumorigenic potential (535). The 

same study showed that mice with neutropenia have specifically lower metastatic burden, although the 

tumor growth was not affected (535). Similarly, our muscle specific FLVCR1a knockout mice have no 

difference in tumor growth despite the significantly reduced neutrophil count, which however impacted 

metastasis. Noteworthy, in light of the strongly decreased size (more than the number) of metastasis, 

one can expect a stronger immune modulation in the metastatic niche, hence in the lungs. Future work 

is however required to yield deeper mechanistic explanation. 

In conclusion, our findings establish a direct role of iron availability in the control of skeletal muscle 

mass, and evidence a new line of crosstalk between skeletal muscle and tumors. Our data suggests two 

main mechanisms mediating increased muscle mass after iron-repletion: First, iron rapidly boosts the 

activity and/or abundance of iron-dependent enzymes, improving primarily mitochondrial function. 

Second, through the regulation of REDD1-mTOR signaling, iron favors overall protein synthesis. 

Altogether, iron supplementation restores skeletal muscle homeostasis notably via mitochondrial 

metabolism normalization, paving the way for a new therapeutic strategy to prevent or even rescue 

muscle atrophy in cancer-induced cachexia, but also in non-cancer conditions presenting iron 

deficiency as co-morbidity, such as COPD and chronic cardiac failure. Furthermore, we show that 

skeletal muscle can influence cancer progression through to immune modulation, providing an 

important insight into tumor-host crosstalk that can potentially be targeted. 
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Materials and Methods 

Human skeletal muscle biopsies 

The study enrolled patients (age > 18 years) with pancreatic cancer surgically treated at the 3rd 

Surgical Clinic of Padova University Hospital. Cancer patients were classified as severely cachectic in 

cases of >10% weight loss in the 6 months preceding surgery. The study also enrolled control, healthy 

donors undergoing elective surgery for non-neoplastic and non-inflammatory diseases. Patients with 

signs of infection were excluded. All patients joined the protocol according to the guidelines of the 

Declaration of Helsinki and the research project has been approved by Ethical Committee for Clinical 

Experimentation of Provincia di Padova (protocol number 3674/AO/15). Written informed consent was 

obtained from participants. The biopsies were performed during elective surgery within 30 min of the 

start of the surgery by cold section of a rectus abdominal fragment of about 0.5-1 cm. The fragment 

was immediately frozen and conserved in liquid nitrogen for gene expression analysis. 

Human handgrip strength 

Participants with either an absolute iron deficiency (AID) or a functional iron deficiency (FID) were 

included in the clinical study. AID is defined by an iron-saturation of transferrin (TSAT) <20% and 

serum ferritin level < 30 ng/ml. FID is defined by a TSAT <20% and serum ferritin levels above 

30ng/ml. Patients were treated with a single intravenous infusion of 1000 mg of iron (ferric 

carboxymaltose). Participants were asked to perform two handgrip tests to measure their strength using 

a hand dynamometer. The first handgrip test (HG1) was conducted prior to iron administration. The 

second handgrip test (HG2) was conducted within 2-12 days after iron administration.  

The hand dynamometer was calibrated and the measurements have an accuracy of +/- 5%. The test-

retest reliability is good (r > 0.80) and the inter-rater reliability is excellent (r = 0.98). The handgrip test 

required the participants to be seated, positioning their forearm of their hand in a 90° angle with their 

body. The arm should not be pressed to the body or supported by an armrest and the shoulders should 

be relaxed. The grip of the hand dynamometer was adjusted to the hand size of the participant. The 

hand dynamometer was placed in the dominant hand and the participant was asked to squeeze the hand 

dynamometer as hard as possible until the strength indicator was stabilized (this took approximately 3-

5 seconds). This was repeated three times, in between each measurement the participant was given 30 

seconds to relax the arm and hand muscles. All participants gave written informed consent to 

participate in the study and the study was approved by the Antwerp University Hospital ethical 
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committee in accordance with the ethical standards established by the 1964 Declaration of Helsinki.  

Animal experimentation  

All animal experiments were authorized by the Italian Ministry of Health and carried out according to 

the European Community guiding principles in the care and use of animals. Cancer cell lines (C26 

colon murine adenocarcinoma or LLC Lewis lung carcinoma, 1x10
6
 cells/mouse) were injected 

subcutaneously in the flank of 8 weeks old female mice (BALB/C for C26, C57 BL/6 for LLC). LLC 

(Lewis Lung Carcinoma) tumor-bearing mice were necropsied on day 25 post injection. For C26, all 

mice were sacrificed at day 12 except for the survival experiment.  

Ferric carboxymaltose (Ferrinject 15mg/kg, Vifor Pharma) or saline solution (NaCl 0.9%) was injected 

in the tail vein every 5 days starting from day 5 post-C26 inoculation. Blood was collected by cardiac 

puncture, and perfusion with PBS after anesthesia was performed to obtain samples for iron 

quantification.  

Electroporation experiments were performed as previously described (536) on tibialis anterior with 

TFR1-pHuji plasmid (Addgene 61505) or shTFR1-pGFP plasmid using BlockIT miRNA expression kit 

(Thermo Fisher K493600). All mice were sacrificed two weeks after electroporation.  

For the iron deprivation experiment, 8 weeks old female C57BL/6 mice were subjected retroorbital 

bleeding (400µl blood) under anesthesia, and then fed with iron-deprived diet (Mucedola) for 11 days 

before sacrifice.  

To measure strength, mice were held by the middle part of the tail and allowed to grab the metal grid of 

a dynamometer (2Biol) in a parallel position before being gently pulled backwards. The maximal force 

generated by the grip was recorded, and the measure was repeated six times. In all experiments  were 

freshly isolated, weighted, and normalized to the respective tibial length. 

Cell culture and in vitro treatments  

C2C12 myoblasts were purchased from ATCC and cultured in DMEM with 10% fetal bovine serum 

(FBS). After reaching full confluency, differentiation was induced by switching to 2% horse serum (HS) 

DMEM for 4 days. Conditioned medium (CM) was prepared as previously described (537). Briefly, 

cancer cells were grown to high confluency, then conditioned in serum-free DMEM for 24h, medium 

was harvested and centrifuged at 500g for 10min. Supernatant was collected and used as conditioned 

medium at 10% final concentration. Deferoxamine (DFO, Sigma D9533) and bathophenanthroline 
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disulphonic acid (BPS, Sigma 146617) were used at 100µM. Apo-transferrin (Sigma T0178), hinokitiol 

(HNK, Sigma 469521) and ferric citrate (Sigma F3388) were used at 400µg/ml, 5µM and 250nM, 

respectively. Activin A (RnD Sytem 338-AC), Dexamethasone (DEXA, Sigma D4902) were used at 

1nM and 1µM, respectively. Rotenone was used at 20 nM. Except where noted otherwise, myotubes 

were treated for 48h for all compounds. For cell transfection, C2C12 myoblasts were differentiated for 

3 days prior to transfection with esiTFR1, esiNCOA4, or esiGFP using Lipofectamine 2000 (Invitrogen 

11668019). Myotubes were photographed and lysed at 72h post-transfection. For myotube diameter 

quantification, pictures of myotubes were taken with phase contrast microscopy (Zeiss) at 200x 

magnification, and myotube diameter was measured using the software JMicroVision as previously 

described (538). For the fusion index, C2C12 cells were fixed in 4% PFA , permeabilized and stained 

for Myosin Heavy Chain (Sigma M4276) and  nuclei were stained with DAPI. The fusion index was 

determined as the ratio of nuclei number per myotube on the total number of nuclei in the field.  

Western blotting 

Frozen gastrocnemii were lysed in RIPA lysis buffer (150mM NaCl, 50mM Tris-HCl, 0.5% sodium 

deoxycholate, 1.0% Triton X-100, 0.1% SDS, and 1mM EDTA) supplemented with protease and 

phosphatase inhibitor cocktail (Roche). Protein concentration was determined using BCA assay 

(Thermo Fisher Scientific). 15 or 30µg of protein from cell or gastrocnemius lysates, respectively, were 

loaded per well for SDS-PAGE then transferred onto PVDF membranes prior to immunoblotting 

analysis. Blots were probed with the following primary antibodies: P-Thr172-AMPK (Cell Signaling 

2535), Total-AMPK (Cell Signaling 2532), Ferritin (Sigma F5012), IRP2(PA-116544), Transferrin 

Receptor 1 (Santa Cruz sc65882), Ferroportin (Novus NBP1-21502). NCOA4 (Santa Cruz C-4), 

Vinculin (Cell Signaling 4650). Protein carbonylation was assessed by measuring the levels of carbonyl 

groups using the OxyBlot protein oxidation detection kit (Sigma-Aldrich S7150). Quantification 

analysis of blots was performed with Image Lab software (BioRad).  

Iron quantification and heme assay 

Iron content in skeletal muscle was quantified by ICP-MS (Element-2; Thermo-Finnigan, Rodano, Italy) 

using medium mass resolution (M/∆M ~ 4,000). 50 to 100mg of freshly excised and snap-frozen 

quadriceps were submitted to overnight dialysis. Samples were collected before and after dialysis to 

assess total and protein-bound iron, respectively. Additionally, iron content was also measured in 

isolated mitochondria from quadriceps extracted by fractionation. All samples were digested overnight 
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in 0.5mL of concentrated HNO3 (70%) and mineralized by microwave heating for 6min at 150°C 

(Milestone, Ethos Up Microwave Digestion System). A natural abundance iron standard solution was 

analyzed in parallel to check for changes in the systematic bias. The calibration curve was obtained 

using four iron standard solutions (Sigma-Aldrich) in the range of 0.2–0.005 μg/mL. For liver and 

spleen iron, samples were heated at 180°C overnight and mineralized in 10mL HCl 3M/ 10% 

trichloroacetic acid per gram of dry tissue overnight at 65°C with gentle shaking. 10µL of supernatants 

were mixed with a solution of 1.7% of thioglycolic acid (TGA), 84.7% of sodium acetate acetic acid 

pH 4.5, 13.6% of bathophenanthroline disulfonic acid (Sigma 146617). After 1 hour of incubation at 

37°C, absorbance was measured at 535nm. Iron content was determined using a standard curve of 

ferrous ammonium sulfate. Heme concentration was determined by fluorescence assay as previously 

described (539). Saturated oxalic acid solution was added to 40ug proteins from gastrocnemius lysates 

prior to heating at 95°C for 30min. Samples were loaded in triplicates and fluorescence was measured 

at 400nm excitation and 662nm emission wavelengths. For labile iron pool measurement, C2C12 cells 

were treated with 500nM Calcein AM (Sigma 56496 ) for 15 min and fluorescence intensity  was 

measured using a microplate reader (ex/em: 475/520nm) . Cells were then incubated for 15 min with 

100µm of 2’,2’-Bipyridyl (BIP) prior to the second measurement of fluorescence. The LIP was 

calculated as the difference between two values and normalized to DAPI fluorescence intensity. 

Mitochondria isolation and metabolic assays 

Mitochondria were isolated from snap-frozen quadriceps by Mitocheck Mitochondrial Isolation kit 

(Cayman chemical 701010). ATP content was quantified in 20 μg of fresh isolated mitochondria by 

CellTiter-Glo® Luminescent Cell Viability Assay (Promega G7570). Aconitase activity was measured 

in quadriceps homogenates by enzymatic assay (Cayman Chemical 705502). Oxygen Consumption 

Rate (OCR) measurements were conducted using a Seahorse XFe96 analyzer according to 

manufacturer’s protocol. C2C12 myotubes were treated with C26 CM and iron for 48h and incubated 

in 5% CO2 at 37°C. One hour prior to analysis, growth medium was replaced with assay medium 

(DMEM without phenol red and sodium bicarbonate (Corning 90-013-PB) that was supplemented with 

1mM pyruvate, 2mM L-glutamine, and 10 mM glucose, pH 7.4) and incubated in a non-CO2 incubator. 

During the assay, 1μM oligomycin (Sigma 495455), 1μM FCCP (Sigma C2920), and 0.5μM 

rotenone/antimycin A (Sigma R8875 and A8674) were sequentially injected into each well in 

accordance with standard protocols. Absolute rates (p moles/min) were normalized to respective 

protein concentration determined by Bradford Assay (BioRad 5000006).  
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Histology 

Extracted gastrocnemii were immediately frozen in isopentane cooled in liquid nitrogen and stored at -

80°C. Transversal sections of 5µm thickness were cut at the midbelly with a cryostat. Sections were 

fixed for 10 minutes in PFA 4%, then blocked with 0.1% triton x-100, 1% BSA in PBS before 

incubating with primary antibodies against fast/slow isoforms of myosin heavy chain and laminin 

(Abcam 91506, Abcam M8421, Santa Cruz 59854), followed by incubation with the corresponding 

secondary antibodies (Alexa-488, Alexa-568). For the electroporation of tibialis anterior with reporter 

plasmids, 8μm sections were stained with AlexaFluor 555-conjugated Wheat Germ Agglutinin (WGA, 

Thermo Fisher Scientific W32464) and DAPI.  

Pictures were captured with a fluorescent microscope (Zeiss/Olympus) and fiber areas were measured 

with ImageJ software (more than 500 fibers were analyzed per animal). The enzymatic activity of 

succinate dehydrogenase (SDH) was measured by Succinate Dehydrogenase Activity Colorimetric 

Assay Kit (BioVision K660-100). 

RNA isolation and quantitative PCR 

Total RNA was isolated from snap-frozen tissue samples using TRIzol reagent (Invitrogen 15596026) 

according to the manufacturer’s guidelines. 1µg of total RNA was reverse transcribed using the High 

Capacity cDNA Reverse Transcriptase kit (Applied Biosystems 4374966). cDNA was analyzed by 

Real Time Quantitative PCR (ABI PRISM 7900HT FAST Real-Time PCR system, Applied 

Biosystems) using the Luna Universal Probe qPCR master mix (NEB M3004) and the Universal Probe 

Library system (Roche Applied Science), or with SYBR Green master mix (Applied Biosystems 

A25741). Relative mRNA levels were calculated using the 2-ΔΔCT method and normalized to 

GAPDH or 18s mRNA (Eukaryotic 18s rRNA Endogenous Control, Thermo Fisher 4310893E), 

respectively. For human skeletal muscle biopsies, 500 ng of RNA was reverse transcribed using 

SuperScript IV Reverse Transcriptase (Thermo Fisher 18090010). Human data were all normalized to 

Actb gene expression. For FLVCR1a transcripts, specific primers and probe were designed using 

Primer Express Software Version 3.0 (Applied Biosystems). The following primers were used for the 

remaining genes:  

 

 

Gene Forward sequence (5’-3’) Reverse sequence (5’-3’) 
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Human TFR1 aggaaccgagtctccagtga atcaactatgatcaccgagt 

mTFR1 tcctttccttgcatattctgg ccaaataaggatagtctgcatcc 

mFPN acccatccccatagtctctgt ccgattctagcagcaatgact 

mMFRN2 tgtgtggcgacattacttcat gcatcctctgcttgacgact 

mALAS2 ctcaccgtctttggttcgtc ggacaggaccgtagcaacat 

mAtrogin-1 agtgaggaccggctactgtg gatcaaacgcttgcgaatct 

mMuRF1 tgacatctacaagcaggagtgc tcgtcttcgtgttccttgc 

mREDD1 ccagagaagagggccttga ccatccaggtatgaggagtctt 

mCPT1B aagagaccccgtagccatcat   gacccaaaacagtatcccaatca 

mACOT1 caactacgatgacctcccca     gagccattgatgaccacagc   

mMCD gcacgtccgggaaatgaac gcctcacactcgctgatctt 

mGAPDH aggtcggtgtgaacggatttg  tgtagaccatgtagttgaggtca 

 

RNA Electrophoretic Mobility Shift Assay (REMSA) 

The fractionation method described by Rothermel et al. (540) was adopted with minor modification to 

extract the cytosolic protein fractions from the gastrocnemius muscle. Briefly, after removal of 

connective tissues, muscle was homogenized for 1 minute in ice‐cold lysis buffer (25mM Hepes pH 8, 

5mM KCl, 0.5mM MgCl2, 1% NP-40, 1x protease inhibitors) using a tight-fitting Teflon pestle 

attached to a Potter S homogenizer (Sartorius Stedium) at 1,000 rpm. Following centrifugation at 800 g 

for 15 min at 4°C to pellet the nuclei and cell debris, supernatants were collected, subjected to further 

centrifugation three times at 500 g for 15 min at 4°C to remove residual nuclei and used for the 

REMSA as nuclei‐free total cytosolic protein fractions. IRP-IRE interactions were revealed using 

LightShift Chemiluminescent RNA Electrophoretic mobility shift assay kit (REMSA, Thermo Fisher 

20148). Briefly, 20μL of reaction containing nuclease-free water, 5×REMSA Binding Buffer (50mM 

Tris-HCl pH 8.0, 750mM KCl, 0.5% Triton-X 100, 62.5% glycerol), tRNA (Thermo Fisher 20158), 6 

μg of muscle cytosolic extracts, biotinylated and unlabeled ferritin probe 5 ́ – 

UCCUGCUUCAACAGUGCUUGGACGGAAC – 3’, plus 0.5 mM EDTA and 1 mM DTT for 

reducing conditions, were incubated for 30 min at room temperature. Afterwards, samples were 

carefully mixed with 5μL of 5×REMSA Loading Buffer and resolved on 6% polyacrylamide gel and 

transferred on to nylon membrane (Roche Diagnostics, Indianapolis, IN). IRP-IRE complexes were 

visualized by the chemiluminescent nucleic acid detection module (Thermo Fisher 20158).  

https://physoc.onlinelibrary.wiley.com/doi/full/10.1113/jphysiol.2004.081083#b52
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Quantification and statistical Analysis 

All graphs show mean ± SEM and n represents the total number of independent biological replicates. 

Statistical significance was determined as indicated in figure legends with GraphPad Prism (version 6.0, 

GraphPad Software), comparing selected groups according to the hypothesis postulated (e.g. CTR vs 

C26, and C26 vs C26+Fe). Except indicated otherwise, parametric analysis was performed as data are 

assumed to follow a normal distribution. Significance was defined as *:p<0.05, **:p<0.01 and 

***:p<0.001 compared to control and #:p<0.05, ##:p<0.01 and ###:p<0.001 compared to the 

respective vehicle- treated condition. 
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